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Tasmania’s apex predator the Tasmanian devil (Sarcophilus harrisii) is under threat 
from multiple sources including devil facial tumour disease (DFTD) and as a result is 
now classified as endangered. Thus, understanding other factors that can have an 
influence on health is vital as they can have ecosystem-wide effects. One such factor of 
interest is devil-parasite interactions. The present study analysed ticks and tick-borne 
protozoal pathogens of devils to gain an understanding of what haemoprotozoan 
pathogens are present in devils and ticks collected from them.  
 
Specifically, the present study aims to detect the presence and distribution of 
haemoprotozoan pathogens in (1) populations of wild Tasmanian devils with and 
without Tasmanian devil facial tumour disease and (2) ticks collected from wild devils. 
To achieve these aims the following objectives were created: (i) assess the species 
distribution and instar stage of collected ticks, (ii) determine the vectorial potential of 
these ticks and (iii) conduct phylogenetic analysis of any generated sequences.  
 
Samples were collected from DFTD infected and non-DFTD devils at five sites across 
mainland Tasmania, for which the DFTD status has been confirmed at different times in 
the past 20 years. Morphological and molecular techniques were utilised in this study to 
examine whole tick specimens for species and instar classification. Blood smears 
created were microscopically examined for inclusions of parasites and blood and tick 
genomic DNA extracted from all samples, screened by PCR and positives sequenced 
using Sanger sequencing and phylogenetically analysed.  
 
Samples from DFTD and non-DFTD infected devils successfully amplified on short 
(~300bp) and long (~1500bp) 18S rRNA assays but no statistical difference was 
observed between DFTD and non-DFTD devils on either assay. Sequencing and 
 IV 
phylogenetic analysis of a subset of samples revealed a Babesia sp. infection consistent 
with B. lohae on the short amplification, while on the long assay four novel sequences 
were revealed from one site. Phylogenetic analysis of these novel sequences confirmed 
their genetic distinctness, as for three of them the closest species match was only 85.7% 
to 85.9% similar to Stylocephalus giganteus (FJ459761) and the fourth sequence 
exhibited only 89.2% similarity to Theileria ornithorhynchi (KT937391).  
 
Morphological identifications revealed Tasmanian devils in the present study were 
infected with all instars of Ixodes sp. ticks and all specimens identified to species level 
were either I. tasmani or I. fecialis, with I. tasmani the most prevalent. Analysis of 
genomic DNA extracts of ticks on short (~300bp) and long (~1500bp) assays of the 18S 
rRNA locus revealed infections of Hepatozoon banethi, Theileria spp. and a sequence 
85.8% similar to Stylocephalus giganteus (FJ459761).  
 
The present study documents the first characterisations of haemoprotozoan pathogens in 
Tasmanian devils, with the discovery of a Babesia spp. sequence and the first 
observation of Theileria spp. from ticks collected from Tasmanian devils. Molecular 
screening of both tick and devil genomic DNA also found evidence of novel 
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Literature review and introduction: 
 
1.1. Tasmanian Devils (Sarcophilus harrisii) 
Australia’s Tasmanian devil (Sarcophilus harrisii) is the world’s largest living 
carnivorous marsupial, with females known to weigh in at seven kilograms and males at 
11 kilograms (Nicol, 1978). Tasmanian devils have a homeland range encompassing the 
island state of Tasmania (Lazenby et al., 2018), although in recent times some healthy 
populations have been translocated to Maria Island off the Tasmanian coast as part of 
conservation measures (Thalmann et al., 2016). The devils are under threat from 
multiple sources, including habitat loss and vehicle trauma (Jones, 2000); however, the 
most ominous threat to the devils is the devil facial tumour disease (DFTD) inducing 
cancer (Pye et al., 2016a). DFTD is caused by allograph cancer cell lines that can be 
transmitted between devils during biting injuries at feeding or during reproduction, and 
is nearly always fatal within six months (Lazenby et al., 2018; McCallum et al., 2007). 
As a result of these environmental and disease pressures, the Tasmanian devil has been 
listed as endangered under the Tasmanian Threatened Species Act 1995 (Rose et al., 
2017). This makes it all the more essential to gain an understanding of any factors that 
could have an effect on devil health, as extinction of the devil could allow feral cat and 
rodent populations to rise unheeded, potentially dramatically decimating the ecosystem 
(Rose et al., 2017).  
 
1.1.1 Taxonomic Classification and Lifecycle  
The Tasmanian devil was named Sarcophilus harrisii in 1841 by Pierre Boitard, and 
assumed the title of largest living carnivorous marsupial following extinction of the 
Thylacine (Thylacinus cynocephalus) (Rose et al., 2017). Sarcophilus harrisii is also the 
only living member of its genus (Baker and Dickman, 2018). It is however, one of many 
members of the family Dasyuridae, with other members including, but not limited to, 
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the tiger quoll (Dasyurus maculatus) and the fat tailed dunnart (Smithopsis 
crassicaudata) (García-Navas et al., 2018; Westerman et al., 2016). The family 
Dasyuridae is within the order Dasyuromorphia (Table 1.1).  
 







Species S. harrisii 
 
 
The Tasmanian devil has a rapid lifecycle, with non-DFTD diseased devils having a 
potential lifespan of approximately five years (Hamede et al., 2012; Lachish et al., 
2007), although Guiler (1978) has documented one wild male individual as an eight 
year old. Devils breed seasonally, with breeding season commencing in late January to 
February (Hesterman et al., 2008). Female devils, like all marsupials, develop their 
young attached to teats within a pouch; thus, because female devils only have four teats 
the maximum young possible per female per year is four (Guiler, 1978). Typically non-
DFTD diseased devils will enter the breeding population as two year olds, however with 
the spread of DFTD, increases in the number of one-year-old female devils breeding 
have been observed (Lachish et al., 2009). This rise in precocial breeding will be further 





1.1.2. Devil Facial Tumour Disease - Implications for the devils 
Devil Facial Tumour Disease (DFTD) is a disfiguring condition resulting from the 
growth of cancerous tumours around the mouth and facial regions of the devils (Loh et 
al., 2006). These tumours are typically fatal within six months of the devils displaying 
signs of disease, and death is usually the result of inability to feed or metastasis of the 
cancer (Bender et al., 2014). The etiological agent of disease is an allograft cancer cell 
line that is transmitted between devils during biting, which typically occurs while 
mating or fighting over food (Pye et al., 2016a; Stammnitz et al., 2018). As of 
September 2017, DFTD was estimated to affect devils in more than 80% of Tasmania’s 
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Devil facial tumour disease can be caused by one of two allograft cancer cell lines, both 
of which are contracted through bite injuries and are indistinguishable at a gross 
morphological level (Pye et al., 2016b). Histological and/or genetic testing is required to 
attribute infections to an individual cancer cell line (Pye et al., 2016b). The cancer cell 
line (Devil Facial Tumour 1: DFT1) attributed to the 1996 outbreak in North-Eastern 
Tasmania is the most prolific and widely spread, while the second cancer cell line 
(Devil Facial Tumour 2: DFT2) arose independently on the Channel Peninsula and was 
not discovered until 2014/2015 (Pye et al., 2016b). Karyotype analysis and gene studies 
of DFT1 reveal that it arose in a female devil, and is most likely of Schwann cell origin 
(Stammnitz et al., 2018), while analysis of DFT2 reveals that it is of male origin (Pye et 
al., 2016b) and the cellular origin is yet to be determined (Stammnitz et al., 2018).  
Regardless of the type of DFT, both cancers are able to successfully infect genetically 
different individuals and evade the host immune system to produce the deadly disease 
(Pye et al., 2016b).  
 
DFTD has caused a momentous shift in devil population structure since its discovery in 
North-Eastern Tasmania in 1996 (Jones et al., 2008); where it has since continued to 
progressively spread as a frequency dependent disease across much of Tasmania 
(Lachish et al., 2007; McCallum et al., 2009). When a population contracts DFTD, there 
is a massive shift in population structure to a younger and more dispersed population, 
primarily due to the rapid and fatal nature of the cancer killing off older members of 
devil societies (Lachish et al., 2009; Lazenby et al., 2018). In populations where DFTD 
has established itself, the likelihood of finding individuals over the age of three is low 
and becoming more difficult as time progresses (Lazenby et al., 2018). Devil 
populations are also yet to strike a balance with DFTD, and as a result, as time 
progresses since DFTD introduction into an area, population numbers typically continue 
to wane (Lazenby et al., 2018). Lazenby et al. (2018), however, also noted that although 
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devil populations were suffering since DFTD introduction to an area, no sites under 
observation were yet to experience a local extinction. DFTD has caused devil 
populations to quickly decline and undergo rapid restructuring and, as a result, devils 
are now endangered and under threat. Therefore, it has become critical to better 
understand the factors that could add further stress to individuals and populations.  
 
Tasmanian devils are in a unique situation, considering that the etiological agent of 
DTFD has arisen twice in two independent events, however devils are starting to adapt. 
Lachish et al. (2009) observed that when DFTD entered an environment there was in 
increase in precocial breeding with greater numbers of females breeding in their first 
year of life, as opposed to traditionally reaching sexual maturity as two year olds. It was 
also noted in this study that twice as many female offspring were observed to be born to 
DFTD positive mothers, than those in which DFTD was not confirmed (Lachish et al., 
2009).  Lazenby et al. (2018) also noted that increases in levels of precocial breeding 
occurred with increased time since infection, amongst females in DFTD populations. 
While devils are adapting to DFTD, they are still vulnerable to extinction, thus efforts to 
understand factors of risk to their health and survival are of great importance.  
 
1.1.3. Current State of Knowledge on Parasites of Devils  
Extensive work has and is still being done to attempt to characterise parasites within 
Tasmanian devils, due to their potential to have a vital bearing on conservation efforts 
(Thompson et al., 2010), as well as the ‘One Health’ concept. Current findings suggest 
devils are host to 28 different parasites, including members from the Arthropoda, 
Nematoda, Platyhelminthes, Sarcomastigophora and Apicomplexa phyla (Wait, 2016; 
Wait et al., 2017).  Continuous research on host-parasite interactions is important for 
wildlife conservation due to potential parasite-induced reductions in host fitness. It is 
also crucial to better understand new interplays and disruptions to current host-parasite 
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balances that can occur during translocation events (Northover et al., 2018).  
Conservation translocations of endangered animals can cause an imbalance to host-
parasite relations through introducing a new parasite to a naïve ecosystem, or 
introducing a naïve host to a new parasite (Northover et al., 2018). Translocations can 
also influence parasite effects on the host, as during translocation a host is often subject 
to stress, thus increasing its susceptibility to parasites as well as the severity of any pre-
established infections (Northover et al., 2018). While it is important to understand the 
full complexity and potential poly-parasitaemia of Tasmanian devils, this review will 
only focus on tick-borne protozoan parasites. 
 
Protozoan parasites are important pathogens of animals and humans worldwide.  To 
date, three enteric protozoan parasites have been recorded in Tasmanian devils: Giardia 
spp. (Kettlewell et al., 1998), Sarcocystis spp. (Munday et al., 1978) and Toxoplasma 
gondii (Hollings et al., 2013). No blood-borne protozoan parasites have been identified 
in this mammal species to date (Wait, 2016). 
 
In addition to enteric parasites, Tasmanian devils are also known hosts to three species 
of hard ticks, all of which are from the genus Ixodes: I. holocyclus (Vilcins et al., 2009), 
I. tasmani (Roberts, 1960; Vilcins et al., 2009) and I. fecialis (Green, 1967; Roberts, 
1970).  Wait et al. (2017) however, questions the validity of the finding of I. holocylcus 
by Vilcins et al. (2009) arguing that the ticks identified as I. holocylcus are in fact I. 
cornuatus. Citing work by Jackson et al.(2007; 1998),  Wait and colleagues (2017) 
argue that I. holocyclus’ range does not extend as far as Tasmania, and instead it is 
possible that Vilcins et al. (2009) mistook the I. holocyclus for morphologically similar 
I. cornuatus. It is vital to document and characterise ticks recovered from Tasmanian 
devils due to the huge potential for ticks to carry pathogens of veterinary and medical 
concern.  
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1.2. Ticks as a vector for disease 
Tick-borne diseases are a global concern due to their complexity and diversity, with 
ticks (Acari: Ixodidae) and their associated disease-causing pathogens being found on 
every continent (Espinaze et al., 2018; Medlock et al., 2013; Montero et al., 2016; 
Parola et al., 2013; Parola and Raoult, 2001; Roberts, 1970). Furthermore, they are a 
significant and emerging ‘One Health’ threat, due to their potential impact on human 
health, agricultural animals and the vertebrates that make up the global ecosystem (de la 
Fuente et al., 2008; Kjemtrup and Conrad, 2000). Tick-borne diseases are also an 
increasing public health concern, particularly in light of increases in globalisation and 
thus the increase in movement of people, animals and potentially attached and feeding 
ticks (Jongejan and Uilenberg, 2005). Ticks and tick borne diseases are also of 
significant concern due to their potential to have significant and long term effects on 
agriculture, both with threats to livestock health as well as the health of individuals 
interacting with livestock (Dantas-Torres et al., 2012). Ticks are known to parasitise all 
species of higher order vertebrate, with many tick species having multiple hosts 
(Roberts, 1970), which adds complexity for those attempting to map and characterise 
tick-borne infection pathways.  
 
1.2.1. Tick Taxonomy and Lifecycle  
Ticks are a highly diverse group of ectoparasites from the Arachnida class, which are 
represented by three families from the super family Ixodidae: Argasidae (the soft ticks), 
Nuttalliedae and the Ixodidae (Nava et al., 2009) (Table 1.2). More refined 
classification to genus and species levels however, can at times raise dispute, due to the 
large diversity and complexity of ticks (Guglielmone et al., 2010). In their study, 
Guglielmone and colleagues (2010) recognised 896 tick species; for which they propose 
193 of the species to be from the Argasidae family, one species from the Nuttalliellidae 
family and 702 from the Ixodidae family.   
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Table 1.2: Taxonomic classification of ticks (Nava et al., 2009). 
Phylum Arthropoda 
Class Arachnida 
Subclass Acari  
Order Parasitiformes  
Suborder Ixodida 
Families  Argasidae (soft ticks) 
Nuttalliellidae  
Ixodidae (hard ticks) 
 
Argasidae ticks are known as the soft ticks due to the replacement of a dorsal body 
shield and scutum with a tough outer integument (Roberts, 1970). Argasidae ticks can 
also be differentiated from members of the Ixodidae family based on the location of 
their feeding capitulum: in Argasidae this is located on the ventral surface, while in 
Ixodidae it is located at the frontal end of the tick (Roberts, 1970). Ixodidae ticks are the 
hard ticks, which are aptly defined due to the presence of a rigid dorsal scutum 
(Roberts, 1970). The Nuttalliellidae family consists of one species Nuttalliella namaqua 
that contains a mixture of features characteristic for both the Argasidae and the Ixodidae 
families, such as a capitulum located similarly to that of Ixodidae ticks, but an 
integument reflective of that of Argasidae ticks (Bedford, 1931).  
 
Regardless of their exact taxonomic classification, all species of ticks are 
haematophagus (blood feeding) and highly dependent on a blood meal for many stages 
of their lifecycle: larvae, nymphs and adults must take a blood meal to develop to the 
next life stage/produce eggs (Roberts, 1970). All ticks have a basic lifecycle of egg, 
larvae, nymph then adult, but the duration and complexity of each stage varies among 
species, as does the number of hosts required to complete the lifecycle. Ticks from a 
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one-host tick lifecycle will attach to a host after hatching and spend the duration of their 
lifecycle with that host, completing development through life stages while on board 
their host and only departing to lay eggs and then die (Barker and Walker, 2014; 
Roberts, 1970). Two-host ticks will follow a similar pattern of development to that of 
one-host ticks, except that once they have fed during their nymphal stage they will enter 
the environment to moult to adults, then proceed to find a new host (Barker and Walker, 
2014; Roberts, 1970). The most complex lifecycle however, can be attributed to the 
three-host ticks. Three-host ticks will dismount their hosts in preparation for 
development into nymphs, then again into adults and then for a final time to lay eggs 
and die (Barker and Walker, 2014; Roberts, 1970). The specificity of ticks for a 
particular host species varies greatly between individual species of ticks; some species 
are specific to one host type such as Ixodes ornithorhynchi for platypi (Ornithorhynchus 
anatinus) (Munday et al., 1998), while others such as Ixodes tasmani have a broad host 
range (Roberts 1970).  
 
1.2.2 Role of ticks in tick-borne diseases  
A disease is considered tick-borne if the aetiological agent of disease can be incubated 
in a tick and then subsequently be transmitted to a new immunologically naïve host 
(Pfäffle et al., 2013). Thus, in a host-parasite relation’s context the tick is considered the 
definitive host (the one in which sexual reproduction occurs) and the vertebrate host is 
considered the intermediate host (carrying or developing the asexual stages of the 
pathogen) (Florin-Christensen and Schnittger, 2009). For a tick-facilitated transmission 
pathway to be developed, an uninfected tick must feed upon an infected vertebrate host 
and ingest the pathogen of concern (Pfäffle et al., 2013). Following engorgement, the 
tick will dismount the host and undergo digestion of its meal and further development 
(Barker and Walker, 2014). During this development stage the ingested pathogen will 
incubate within the tick host and develop into a stage capable of infecting future 
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vertebrate hosts (Florin-Christensen and Schnittger, 2009). Once the tick has completed 
its own development and moulted to its next life stage it will seek out its next blood 
meal (on a new host if it is a multi-host tick) (Pfäffle et al., 2013). If this new host is 
susceptible to its infection, the pathogen will be able to infect it during the tick’s next 
blood meal (Pfäffle et al., 2013). Multiple methods of pathogen inoculation into hosts 
have been documented, these include, but may not be limited to: injection with saliva 
while feeding (Kazimírová and Stibraniova, 2013), or vertebrate host ingestion of the 
tick host, as demonstrated by Baneth et al. (2007). Transmission pathway testing was 
employed by Baneth et al. (2007) to prove that Hepatozoon canis pathogens can be 
passed to dogs (Canis familiaris) by feeding them infected ticks. 
 
Many factors can influence how successful a tick can be as a pathogen vector. These 
include but are not limited to: ecological range of the tick (and host), number of hosts 
required by the tick, and host specificity (McCoy et al., 2013). Ticks with a wide 
ecological range are more likely to come into contact with pathogens and to transmit 
them. Multi-host ticks are a concern from an epidemiological point of view, due to their 
ability to potentially spread pathogens between different hosts of the same species or 
between different species (Bonnet et al., 2018; Estrada-Peña et al., 2017). One such 
example of this can be seen in South Africa, where the introduction and intermingling 
of domestic animals with wild animals has shortened transmission pathways, through 
the ability of low-host-specific multi-host ticks being able to parasitise and commute 
between native and domestic animals (Espinaze et al., 2018).  
 
1.2.3 The Common Marsupial Tick: Ixodes tasmani Neumann 1899 
The common marsupial tick (Ixodes tasmani) is one of 241 species from the genus 
Ixodes (Barker and Walker, 2014), 22 of which have been documented in Australia 
(Barker et al., 2014). Roberts (1970), has documented the distribution of I. tasmani, 
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finding that its range extends across Tasmania and southern Australia, from the south 
west of Western Australia to the tip of northern Queensland. Not only is I. tasmani 
highly dispersed across Australia, it is also a three-host tick with low host specificity 
(Barker and Walker, 2014; Roberts, 1960; Roberts, 1970), making it a species of high 
importance from a zoonotic and epidemiological point of view. Barker and Walker 
(2014) have documented 42 mammalian hosts for which I. tasmani is a known parasite, 
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1.2.4 Ixodes fecialis Warburton and Nuttall 1909 
Another of the 22 species of Ixodes sp. ticks documented in Australia (Barker et al., 
2014) is Ixodes fecialis. I. fecialis has been documented to have a broad environmental 
range with Roberts (1970) documenting specimens across southern Western Australia, 
South Australia, New South Wales, Queensland and Tasmania. While this tick has a 
broad host range, the majority of known hosts are native Australian mammals (Table 
1.4).  
 
Table 1.4: Known hosts of Ixodes fecialis ticks. 






Rattus lutreolus Native (Roberts, 1970) 
Black rat Rattus rattus Introduced (Roberts, 1970) 
Brown antechinus Antechinus stuartii Native  (Roberts, 1970) 
Bush rat Rattus assimilis Native (Roberts, 1960) 
Bush rat Rattus fuscipes 
assimilis 
Native  (Roberts, 1970) 
Bush rat Rattus fuscipes greyii Native  (Roberts, 1970) 
Dasyurid 
marsupial 
Antechinus sp Native  (Roberts, 1960) 
Domestic cat Felis catus Introduced  (Roberts, 1960) 
Dusky field rat Rattus conatus Native  (Roberts, 1960) 
Eastern Quoll Dasyurus viverrinus Native  (Roberts, 1970) 
Fat-tailed dunnart Sminthopsis 
crassicaudata  
Native  (Roberts, 1960) 




Melomys cervinipes  Native  (Roberts, 1970) 
Human Homo sapian  (Roberts, 1970) 




Perameles nasuta  Native  (Roberts, 1970) 
Long nosed 
bandicoot 
Perameles sp. Native  (Roberts, 1960) 
Numbat Myrmecobius 
fasciatus  
Native  (Roberts, 1960) 
Possum  Trichosurus sp. Native  (Roberts, 1970) 
Slender-tailed 
dunnart 
Sminthopsis murina Native  (Roberts, 1970) 
Southern brown 
bandicoot 
Isoodon obsesulus Native  (Roberts, 1960) 
Tasmanian devil Sarcophilus harrisii Native  (Roberts, 1970) 
Tiger quoll Antechinus swainsonii 
swainsonii  




Native (Roberts, 1960) 
Western quoll Dasyurinus geoffroyii Native (Roberts, 1960) 
Yellow- footed 
antechinus 
Antechinus flavipes Native (Roberts, 1960) 
- Dasyurus maculatus Native  (Roberts, 1970) 
- Rattus calmorum Native (Roberts, 1960) 
- Rattus culmorum  Native  (Roberts, 1970) 
 
1.3. Tick-borne diseases in Australian wildlife 
1.3.1. Tick-borne diseases in Australian wildlife  
Australia has a diverse and unique collection of wildlife, and with them comes an array 
of ticks and potentially tick-borne pathogens. Many of these ticks and pathogens are 
native to Australia, and have thus co-evolved with their native hosts (Barbosa et al., 
2017; Loh et al., 2018; Paparini et al., 2012).  This, over time, has the potential to lead 
to the development of an equilibrium between pathogen and host, and at times can 
culminate in the evolution of a state of tolerance between the two that compromises 
with reduced or absence of disease presentation (Jongejan and Uilenberg, 2005; 
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Schnittger et al., 2012). One such example of this is the infection of the woylie 
(Bettongia penicillata) with 80.4% (123/152) of animals in one study returning PCR 
findings indicative of piroplasm infection (Rong et al., 2012). Sequencing analysis of a 
subset of these samples (n = 12) revealed sequences consistent with Theileria 
penicillata. The only clinical sign that correlated with infection was a reduction in body 
weight of infected individuals, with no individuals observed with the typical Theileria 
spp. symptoms of anaemia or red blood cell damage (Rong et al., 2012). The ability for 
some organisms to carry infections such as this, where pathogenicity can be mild or 
asymptomatic, may lead to an under representation of tick-borne pathogens in 
Australian wildlife due to the potential for native animals to carry tick-borne pathogens 
undetected.  
 
While some infections can occur with high incidence and with mild non-specific 
symptoms, others can be more prominent and pathogenic. One such example of this is 
the observation of Babesia macropus in agile rock wallabies (Macropus agilis) and 
eastern grey kangaroos (Macropus giganteus), where signs of pathogenicity were 
observed in animals under rehabilitation (Donahoe et al., 2015).  Three agile rock 
wallabies died suddenly and 34 eastern grey kangaroos were observed with multiple 
clinical signs, including anaemia; which Donahoe and colleagues (2015) attributed to 
stress-induced presentation due to being in rehabilitation. This case highlights the need 
to gain an understanding of potential tick-borne pathogens amongst Australian wildlife, 
particularly those species that may have regular contact with people for stressful events 
such as rehabilitation and/or conservation.  
 
It is vital to gain an understanding of the endemic and exotic tick-borne pathogens that 
can parasitise native Australian wildlife, as well as the tick vectors that facilitate the 
dispersal of such pathogens. However, limited work is available regarding tick vectors 
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for many tick-borne pathogens in Australia. Another issue that can hamper efforts to 
deduce transmission pathways is when putative tick vectors are screened for a pathogen, 
but the host from which the tick was collected was not concurrently screened: such as 
that by Storey-Lewis (2018) which characterised infections of Babesia and Theileria in 
Ixodidae (hard ticks) from Australia. Thus, it is difficult to determine whether the tick 
derived the infection from the host that it was last feeding on, or from an earlier host in 
multi-host lifecycle.  Filling the gaps in the literature on tick-borne pathogens and their 
associated transmission pathways has never been more important, given the rise of 
international trade and travel (Jongejan and Uilenberg, 2005), as well as the mixing of 
domestic and native animals.  
 
1.3.2 Current knowledge of tick-borne diseases in Tasmanian devils (Sarcophilus 
harrisii) 
A previous study to identify a tick-facilitated transmission pathway for blood-borne 
pathogens in Tasmanian devils has identified Hepatozoon spp in ticks collected from 
Tasmanian devils (Vilcins et al., 2009), however further investigation is needed to 
identify what role, if any Tasmanian devils play in the transmission of this protozoan. 
Vilcins and colleagues (2009) reported that Hepatozoon spp. were present in 15 out of 
44 samples of I. tasmani ticks collected from devils.  The devils in that study were 
however not screened for Hepatozoon infections, so it is unknown whether the I. 
tasmani ticks acquired the parasitic infection from the devils, or an earlier host. Gaining 
an understanding of whether devils can carry and play a role in blood-borne protozoan 
transmission is important to allow conservation and health authorities to make more 
informed decisions about devil conservation and ecology.  
 
It is vital to understand the potential for Tasmanian devils to carry blood-borne parasites 
as well as their vectorial ability, for a diverse number of reasons. These reasons 
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however can all be classed under the One Health umbrella. Devils are unique and vital 
members of the Tasmanian ecosystem, so understanding any threats and implications on 
their health can be vital for better informing conservation practices. Devils are also 
highly dispersed across Tasmania making it highly likely that they will co-habitat areas 
with humans and domestic animals, which can greatly facilitate the transfer of low host 
specific multi-host ticks to another host of a different species. Understanding the 
potential for devils to be host to blood-borne pathogens can better inform health 
authorities should an exotic and/or novel species be detected in Tasmania.   
 
1.3.3. Blood borne parasites of interest 
The parasites of interest in the present study are all apicomplexan organisms belonging 
to the Hepatozoon, Theileria and Babesia genera, and are all important pathogens from 
a One Health perspective (Alvarado-Rybak et al., 2016; Dantas-Torres et al., 2012; 
Greay et al., 2018a; Mehlhorn and Schein, 1985). These organisms all have multi-host 
lifecycles, that typically involve asexual development in the vertebrate host and sexual 
development in the invertebrate host (Jalovecka et al., 2018; Smith, 1996). The effects 
on the hosts can include, but are not limited to: anaemia, lethargy, fever and vomiting 
(Donahoe et al., 2015; Irwin and Hutchinson, 1991).  
 
The genus Hepatozoon contains a diverse group of species, known to infect many 
vertebrates and unlike Theileria and Babesia species, Hepatozoon species have been 
known to utilise multiple different species of invertebrate host; such as, but not 
restricted to the tsetse fly, ticks and mites (Smith, 1996). Vertebrate host infection 
varies from that of Theileria spp. and Babesia spp., in that infection occurs through the 
ingestion of the invertebrate host (Smith, 1996). A notable Hepatozoon sp. of concern in 
Australia is Hepatozoon canis, with the recent discovery of this exotic species in an 
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Australian born Marmion sheepdog in Queensland (Greay et al., 2018a; Greay et al., 
2018b).  
 
The genera Theileria and Babesia are known collectively, along with organisms of the 
genus Cytauxzoon, by the informal name of piroplasms due to the pear-shaped 
formation during the blood infection stage (Jalovecka et al., 2018; Mehlhorn and 
Schein, 1985). The typical mode of transmission for these organisms between vertebrate 
hosts is via tick feeding (Jalovecka et al., 2018), although there is one notable 
exception. Infections of dogs with Babesia gibsoni has been deduced to occur directly 
between dogs during inflicted bites (Irwin, 2010; Jefferies et al., 2007). Vertebrate 
infections with Theileria spp. can have erythrocytic and leukocytic stages, and in some 
species a leukocytic transformative stage is possible (Sivakumar et al., 2014). On the 
other hand Babesia spp. infections have only been seen in the erythrocytic stage 
(Schnittger et al., 2012). Another notable difference between Theileria spp. and Babesia 
spp. occurs in the invertebrate host, with some species of Babesia known to trans-
ovially transfer to the eggs of ticks to infect the next generation (Schnittger et al., 2012). 
Notable species of interest in the piroplasm group include: Babesia microti which 
infects humans (Kjemtrup and Conrad, 2000), Babesia gibsoni in dogs (Jefferies et al., 










1.4. Aims, objectives and hypotheses for the project 
Aims: 
1. To detect the presence and distribution of haemoprotozoan pathogens in (1) 
populations of wild Tasmanian devils with and without Tasmanian devil facial 
tumour disease (DFTD) and (2) ticks collected from wild Tasmanian devils with 
and without DFTD.  
Objectives: 
1. To assess the species distribution and lifecycle demographics of ticks collected 
from wild Tasmanian devils.  
2. To assess whether ticks collected from wild Tasmanian devils have vectorial 
potential for haemoprotozoan pathogens.  
3. Conduct phylogenetic analysis of all parasites detected.  
Hypotheses:  
1. Haemoprotozoans will be detected in Tasmanian devils and their ticks using 
PCR at the 18S rRNA locus. 
2. There will be differences in the prevalence of haemoparasites in Tasmanian 
devils with and without DFTD. 
3. Phylogenetic analysis can be used to compare relationships between 











Materials and Methods 
 
2.1 Sample collection 
Samples were collected in collaboration with the Tasmanian devil research group at the 
University of Tasmania. Samples were collected from wild Tasmanian devils (S. 
harrisii) under the University of Tasmania’s ethics permit numbers A0015835 and 
A0016789, and shipped to Murdoch University for laboratory analysis.  
 
2.1.1 Study sites  
Five study sites from across the north and east of mainland Tasmania were used in this 
study (Figure 2.1). Study sites ranged in duration of time since DFTD arrival (Table 
2.1): with Freycinet the longest site infected (17 years) (Hawkins et al., 2006) and Black 
River the shortest (two years) (David Hamilton, Personal communication). 
Confirmation of the presence of DFTD at a site is determined by the discovery of a 
single devil with clinical symptoms, and such lesions are confirmed DFTD by 
histological study (Hawkins et al., 2006).  
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Figure 2.1: Trapping locations of devils and year of sampling for samples collected. 
(background map courtesy of the University of Melbourne (2001)). 
 
Table 2.1: Year that the first DFTD infected Tasmanian devil (S. harrisii) was identified 





























Site Year DFTD 
arrived 
Reference 
Black River 2016 David Hamilton, 
Personal 
communication 
Freycinet 2001 (Hawkins et al., 
2006) 
Takone 2009 (Lazenby et al., 
2018) 
West Pencil Pine 2006 (Hamede et al., 
2012) 





Blood samples were collected from Tasmanian devils in May 2018 from four sites: 
Black River, Freycinet, Takone and West Pencil Pine (Figure 2.1). A total of 94 devils 
were sampled from these sites during this sampling round: Black River (n=31), 
Freycinet (n=27), Takone (n=22) and West Pencil Pine (n=14). The ethics permit 
number for the first three sites is A0015835 and for the last site, West Pencil Pine, it is 
A0016789.  
 
The tick samples used in this study were collected in two batches, the first was in 2015 
from two sites with sampling occurring four times (once per season) and the second was 
in autumn of 2018 at four sites. The 2015 samples were collected from Takone and 
Wilmot (Figure 2.1) under ethics permit A0015835, with between eight and 15 devils 
sampled at each site (Table 2.1). The second batch of samples was collected during 
trapping in May 2018 at four sites: Black River, Freycinet, Takone and West Pencil 
Pine (Figure 2.1), with a total of 82 devils sampled. Samples collected from West Pencil 
Pine were under ethics permit number A0016789, while the remaining three sites were 
under A0015835.  
 
2.1.2 Trapping of Tasmanian devils (S. harrisii)  
Custom-built baited carnivore traps (n= 40) were set overnight and inspected the 
following morning for devils as per the protocol outlined in Lachish et al. (2007) with 
the modification of trapping for 10 consecutive nights. To prevent double sampling of 
devils each devil was identified by a subcutaneous microchip (Allflex®, Palmerston 
North, New Zealand). Trapped devils received a health examination, which also 
included observation of their DFTD status. DFTD status was visually classified on a 
scale of one to five, with one designating ‘non observable signs of DFTD’, two and 
three stages of ‘facial injury that have undeterminable origin’, and four and five for 
‘different severities of DFTD’; modified from Lachish et al. (2007) to include the fifth 
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category. Grossly, clinical signs of DFTD can include, solid tumours on the head, and in 
and around the oral cavity (Loh et al., 2006). Following examination and sample 
collection, devils were returned to the wild.   
 
2.1.3 Blood and tick specimen collection   
Blood samples (up to 0.5ml) were collected from the jugular (Takone) or the ear vein 
(all other sites) and stored at -20°C as EDTA blood. Samples from Takone were 
complemented with additional blood smears prepared from fresh EDTA blood. For each 
blood sample triplicate smears were produced, and each smear was air dried and set 
with methanol before shipping. 
 
Identified ticks were manually removed with forceps and placed in 1.5ml Safe-Lock 
tubes (EppendorfTM) containing 70% ethanol, for preservation; then refrigerated at -
20°C. Ticks from the same individual collected in the same examination were stored 
together in the same Safe-Lock tube (EppendorfTM).  
 
2.2 Tick identification  
In preparation for identification, forceps and probes were sterilised in a Sterile Cabinet 
SC201 UV light box (Starkey, Australia), then prior to individual tick identifications, 
probes and forceps were immersed in a 10% bleach solution and then DNA AWAY TM 
(Molecular Bioproducts Inc., San Diego, USA) solution to decontaminate. Sample 
analysis was conducted in petri dishes with an Eclipse E200 compound microscope 
(Nikon Corporation, Tokyo, Japan) and an Olympus SZ61 stereo microscope (Olympus, 
Centre Valley, PA, USA) to determine species, lifecycle stage, sex, and engorgement 
status. Species were identified using dichotomous keys outlined by Roberts (1970), with 
reference to Barker and Walker’s (2014) anatomical glossary when required. Analysis 
getIT photography software (Olympus, Centre Valley, PA, USA) was utilised to 
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photograph specimens of interest. Following identification, ticks were re-immersed in 
70% ethanol in preparation for sterilisation and DNA extraction, and then returned to 
the refrigerator.  
 
2.3 Piroplasm Microscopy 
The air-dried blood samples were stained with a Modified Wright stain, utilising an 
automated slide stainer (Ames Hema-Tek ®, Bayer, Germany). Five smears were then 
analysed for the presence of haemoprotozoa at magnifications of x200 and x400, and 
any identified bodies were photographed at magnification of x1000 with a Olympus  
DP71 camera (Olympus Corporation, Tokyo, Japan).  
 
2.4 Molecular methods  
2.4.1. DNA extraction  
2.4.1.1 Blood Samples  
Genomic DNA was extracted from thawed EDTA blood samples using the 
MasterPureTM DNA Purification Kit for Blood Version II (EpicentreÒ, Madison, 
Wisconson), with minor modifications to the centrifugation times and temperatures. For 
each sample, 200µl of blood was drawn into a new Safe-Lock tube (EppendorfTM) and 
600µl of Red Cell Lysis was added before incubation for 10 minutes, interrupted briefly 
at 5 minutes for vortexing. In the event that 200µl of blood could not be obtained, total 
extraction volumes were made up to 200µl with the addition of PBS buffer solution. 
Extraction blanks of 200µl of PBS buffer in Safe-Lock tubes (EppendorfTM) were 
included in every extraction batch (up to 23 samples).  
 
White blood cells were pelleted from the red cell debris by room temperature 
centrifugation at 10,000g for 5 minutes, and the pellet and 25µl of supernatant were 
retained. The pellet was then re-homogenised through the remaining supernatant by 
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vortexing, then 300µl of Tissue and Cell Lysis solution was added and mixed by 
pipetting. Each sample then had 1µl of RNase A (mRNA092, EpicentreÒ, Madison, 
Wisconson) added, before placement in an Analytik Jena AG Tmix incubator (Jena, 
Germany) for 30 minutes at 37°C.  
 
Following incubation, samples were immediately transferred to ice for 5 minutes to aid 
in precipitation of DNA, then 175µl of MPC Protein Precipitation Reagent was added 
and vortexed for 10 seconds. The protein debris was then separated from the solution 
via centrifugation at room temperature for 10 minutes at 10,000g. The supernatant was 
retained in a new Safe-Lock LoBind tube (EppendorfTM) and the protein fragments were 
discarded. DNA was then precipitated via the addition of 500µl of isopropanol. 
 
Samples were then returned to the centrifuge for a further 10 minutes at 10,000g at 
room temperature, to pellet the DNA and allow removal of the isopropanol. The DNA 
pellet was then twice washed with 70% ethanol to remove residual isopropanol, and air-
dried to allow for evaporation of residual ethanol. Once the pellet was dry, 35µl of TAE 
buffer was used to resuspend the DNA pellet and prolong the life of the extract, before 
storage at -20°C.  
 
2.4.1.2 Tick Samples  
Time constraints limited the number of tick extractions that were possible, so ticks were 
split into two pools. Pool A contained all the samples from Wilmot collected in 2015 
and a subset of samples from the four 2018 sites. While pool B contained all the Takone 
2015 samples and the remaining 2018 samples. Pool A was selected for analysis in this 
present study, while the samples from pool B were retained for future analysis (see 
section 4.3 Future directions).  
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Following tick identification, a QIAGEN DNeasy Blood and Tissue Kit (QIAGEN, 
Hilden, Germany) was used to extract gDNA from whole tick samples according to the 
protocol for ‘Purification of total DNA from insects’, as outlined in Gofton (2015).  In 
preparation for extraction, tick samples were surface sterilised with 10% bleach, 70% 
ethanol and then DNA-free PBS. Each sample was submerged in a Safe-Lock tube 
(EppendorfTM) containing 10% bleach for up to 2 minutes; and adults were vortexed for 
30 seconds, provided they were undamaged. Samples were then immediately transferred 
to Safe-Lock (EppendorfTM) tubes containing 70% ethanol, and vortexed for 5 seconds. 
Samples were stored in 70% ethanol until immediately before extraction.  
 
Extractions were commenced directly after vortexing the samples in PBS buffer for 5 
seconds on a Chiltern MT19 Auto vortex mixer (Chiltern Scientific, Convance Inc., 
Princeton, NJ, USA). Clean ticks were placed into 2ml Safe-Lock tubes (EppendorfTM) 
containing a sterile DNA-free 5-millimetre stainless steel ball bearing, then frozen in 
liquid nitrogen for 5 minutes. An extraction blank, consisting of a Safe-Lock tube 
(EppendorfTM) containing just a ball bearing, was included in every run, with each run 
containing up to 23 samples. The Safe-Lock tubes (EppendorfTM) were then 
immediately transferred to a TissueLyser LT (Qiagen, Hilden, Germany) for 
pulverisation of tick matter by shaking for 1 minute at 40hz. Homogenised tick was 
pelleted by centrifugation at 21,200g for 1 minute before the addition of digestion 
enzymes and buffer. Each un-engorged adult and nymph received 200µl of ATL buffer 
and 22.5µl of Proteinase K (QIAGEN, Hilden, Germany), while engorged females 
received 450µl of ATL and 50µl of Proteinase K (QIAGEN, Hilden, Germany). The 
tick pellet was subsequently dispersed through the solution by vortexing, and then 
collected again by brief centrifugation. Digestion was completed overnight on a shaking 
heat block Analytik Jena AG Tmix (Jena, Germany) set to 56°C and 700rpm.    
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Following incubation, samples were centrifuged at 21,200g for 3 minutes to pellet tick 
debris, then 200µl of supernatant was removed and added to 400µl of 1:1 AL buffer and 
ethanol (100%) vortexed and transferred to a spin column (QIAGEN, Hilden, 
Germany). The spin column was centrifuged at 6,030g for 1 minute to allow the DNA 
to bind to the silica membrane and the flow through was discarded. The membrane-
bound DNA was washed twice, first with AW1 and then AW2: with each wash 
consisting of the addition of 500µl of solution and centrifugation at 6,030g for 1 minute. 
The DNA was eluted with AE buffer: 40µl for nymphs, 100µl for adults and 200µl for 
engorged females. Spin columns were placed in clean collection tubes between the 
addition of each buffer to reduce contamination. DNA extracts were pipetted from the 
collection tubes into LoBind Safe-Lock tubes (EppendorfTM) and stored at -20°C.  
 
2.3.1.3 DNA quantification and extraction purity  
Genomic DNA concentration and purity were determined using a NanoDropTM (Thermo 
Fisher Scientific, Wilmington, DE, USA) spectrophotometer. The NanoDropTM was 
blanked and then 2µl of sample was added for analysis.  
 
2.4.2 Conventional PCR assays 
Blood and tick gDNA extracts were screened for the presence of piroplasm and 
Hepatozoon sp. by apicomplexan-specific primers designed to target the 18S rRNA 
gene (Table 2.2). Initial screening was conducted with the ~300bp producing 
BTHL1/BTHL2 primer pair (Tabar et al., 2008), capable of amplifying a broad range of 
apicomplexans (Modry et al., 2017). All samples were then screened with a second 
PCR, using the Nbab_1F/18S ApiR primers (Greay et al., 2018b; Oosthuizen et al., 
2008), to generate a sequence of adequate length for phylogenetic analysis (~1500bp). 
Each PCR was run with a negative control that substituted neat DNA for DNA-free 
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Ultrapure (PCR grade) water (Fisher biotec, Wembley, Western Australia, Australia) 
and a positive control of Babesia gibsoni gDNA. 
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Table 2.2: PCR specifics for the primers utilised in this study  




Reference Product size 
BTHL1 5’-CCA GCA 
GCC GCG 
GTA ATT C-3’ 
Forward 59.4°C 10µM (Tabar et al., 
2008) 
~300bp 
BTHL2 5’-CTT TCG 
CAG TAG 
TTY GTC TTT 
AAC AAA 
TCT -3’ 
Reverse 56.7°C 10µM (Tabar et al., 
2008) 
Nbab_1F 5’-AAG CCA 
TGC ATG TCT 
AAG TAT 
AAG CTT TT- 
3’ 
Forward 57.0°C 10µM (Oosthuizen et al., 
2008) 
~1500bp 













2.4.2.1 Primers BTHL1 and BTHL2 
Samples and extraction controls were screened in 25µl volumes containing the 
following master mix: 1x KAPA Taq buffer (KAPA Biosystems, Wilmington, 
Massachusetts, USA), 0.5mM dNTPs (Promega, Madison, WI, USA), 1.5mM MgCl2 
(KAPA Biosystems, Wilmington, Massachusetts, USA), 0.4µM BTHL1 primer (Table 
2.4) (Tabar et al., 2008), 0.4µM  BTHL2 primer (Table 2.4) (Tabar et al., 2008), 0.5U 
KAPA Taq (KAPA Biosystems, Wilmington, Massachusetts, USA) and 1.0µl of neat 
DNA. Samples were amplified on T100TM Thermal Cycler machines (BIO-RAD, 
Hercules, California, USA) with the following thermal cycling conditions: original 
denaturation for 5 minutes at 95°C, followed by 40 cycles of denaturation at 95°C for 
30 seconds, primer annealing at 55°C for 1 minute and then extension for 30 seconds at 
72°C. The PCR was then completed with a final extension of 72°C for 7 minutes.  
   
2.4.2.2 Primers Nbab_1F and 18S ApiR  
All samples and extraction controls were re-screened with the Nbab_1F/18S ApiR 
primers (Greay et al., 2018b; Oosthuizen et al., 2008) in 50µl reaction volumes 
containing 1x KAPA Taq buffer (KAPA Biosystems, Wilmington, Massachusetts, 
USA), 2mM MgCl2 (KAPA Biosystems, Wilmington, Massachusetts, USA), 0.5mM 
dNTPs (Promega, Madison, WI, USA), 1.6mg/ml Bovine Serum Albumin (Fisher 
Biotec, Wembley, Western Australia), 0.4mM Nbab_1F (Table 2.4), 0.4mM 18S ApiR 
(Table 2.4), 0.1U KAPA Taq (KAPA Biosystems, Wilmington, Massachusetts, USA) 
and 4µl of neat DNA. The PCRs were run in T100TM Thermal Cycler machines (BIO-
RAD, Hercules, California, USA) with the following working conditions: original 
denaturation for five minutes at 95°C, then repeated for 40 cycles: denaturation for 30 
seconds at 95°C, primer annealing for 30 seconds at 60°C and 2 minutes of extension at 
72°C. Completion of the PCR occurred at 72°C for 5 minutes.  
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2.4.3. Gel electrophoresis  
Samples were gel electrophoresed on a 1% (w/v) agarose gel; made with 80ml of 1X 
TAE buffer, 0.8mg agarose powder (Fisher Biotec, Wembley, Western Australia, 
Australia), and 1.2µl of Sybr safe gel dye (Invitrogen Ltd. Paisley, UK). Electrophoresis 
was conducted at 80 volts for between 32 minutes and 47 minutes; with durations 
influenced by expected product size. For samples conducted on 20 lane combs 18µl of 
sample was added to each well, while for gels run on 15 lane combs 20µl of sample was 
added to each well. A 100bp Axygenâ DNA Marker was used for the samples with an 
expected product size of ~300bp, while a 1kbp Axygenâ DNA Marker was utilised for 
product sizes of ~1500bp. Both ladders were purchased from Fisher Biotec (Wembley, 
Western Australia) and 5µl was added for each comb.  
 
Upon completion of electrophoresis gel products were visualised on a Blue Light LED 
Transilluminator (Cleaver Scientific Ltd. Warwickshire, UK) and photographed an 
Olympus C5060 camera (Olympus Corporation, Tokyo, Japan) with Alpha Digidoc RT 
(Alibaba, Karnataka, India) photography software. Positive samples of the correct band 
size were subsequently excised from the gel and purified in preparation for sequencing.  
 
2.4.4. PCR purification  
Purification was undertaken via the in-house filter tip method, as outlined by Yang et al. 
(2013). Positive bands were illuminated on a Blue Light LED Transilluminator (Cleaver 
Scientific Ltd. Warwickshire, UK) and excised from the gel with sterile scalpel blades. 
Amplicon extracts were subsequently obtained via the passage of excised gel products 
through 100µl Aerosol barrier filter tips (Interpath Services Pty. Ltd., Heidelberg West, 
Victoria, Australia). Gel products were placed in the top of the filter tip and centrifuged 
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at maximum speed (2800g) for one minute. Purified product was frozen until required 
for sequencing.  
 
2.4.5. Sanger sequencing  
Amplicons were sequenced via the plate method of the BigDye Terminal v3.1 
Sequencing Kits (Thermo Fisher Scientifc, Waltham, Massachusetts, USA), to identify 
the species amplified. Individual sequence reactions were undertaken before samples 
were submitted to Frances Briggs at the State Agriculture and Biotech Centre (SABC) 
for Sanger sequencing. The ~1500bp fragments were sequenced twice, once in each 
direction (forward primer: Nbab_1F and reverse primer: 18S ApiR), and the ~300bp 
reads were sequenced in the reverse direction only (primer: BTHL2).  
 
For sequencing the following was added to each plate well: 1µl of BigDye (Thermo 
Fisher Scientifc, Waltham, Massachusetts, USA), 1.5 µl of Big Dye buffer (Thermo 
Fisher Scientifc, Waltham, Massachusetts, USA), 2µl of 3.2pcm primer and 5.5µl of 
purified PCR product. Dye was then fixed via PCR with thermal cycling conditions as 
follows on a T100TM Thermal Cycler machines (BIO-RAD, Hercules, California, USA): 
96°C for 2 minutes to denature the amplicon, and then 26 cycles of: denaturation for 10 
seconds at 96°C, annealing at 50°C for 5 seconds and then extension for 2 minutes at 
72°C.  
 
The amplicon pellet was then cleaned and dried in preparation for sequencing. 
Sequentially, the following reagents were added to each reaction well: 1.0µl of 125mM 
EDTA, 1.0µl of 3M sodium acetate (pH 4.6) and 25.0µl of 100% ethanol. The plate was 
vortexed on a Chiltern MT19 Auto vortex mixer (Chiltern Scientific, Convance Inc., 
Princeton, NJ, USA) for 15 seconds and incubated in darkness for 15 minutes. The 
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precipitated amplicons were subsequently pelleted at 2800g for 30 minutes and the 
supernatant discarded. The final cleaning step was completed by the addition of 35µl of 
70% ethanol and vortexing for 15 seconds, before re-pelleting of the DNA by 
centrifugation at 1700g for 15 minutes. The ethanol supernatant was again discarded, 
and the reaction wells were sealed and stored at -20°C in preparation for sequencing at 
the SABC.   
 
 
2.5 Bioinformatics and phylogenetic analysis  
Raw sequencing chromatograms were imported into Geneious v8.0.5 (Kearse et al., 
2012) for visualisation and processing. Each chromatogram was checked for the correct 
IUPAC base allocation (IUPAC International Union of Pure and Applied Chemistry, 
https://iupac.org/), and the ends and primers were trimmed off. The De Novo assembly 
function was then utilised to generate consensus sequences for samples sequenced from 
the forward and reverse directions. Samples were deemed clean if their HQ% (High 
Quality value) was ³90%. Sequences were then analysed in NCBI BLAST (Altschul et 
al., 1990) to assess for the closest GenBank sequence, and if the GenBank query cover 
and identity results were both ³99%, then the sequence was deemed to have originated 
from specimens of that species.  
 
Phylogenetic analysis was conducted on samples that returned BLAST matches to 
apicomplexan organisms but had lower query and/or identity. In preparation for 
phylogenetic analysis, samples were aligned with the MAFFT software (Katoh et al., 
2002) in Geneious v8.0.5 at the 18S rRNA locus. Included with the samples in the 
alignment were 18S rRNA sequences from known piroplasm species/isolates, as well as 
any top BLAST hits of non-piroplasm origin and Cardiosporidium cionae (EU052685), 
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which served as the out group. Alignments were trimmed to the size of the shortest 
sequence and exported to MEGA v7 (Kumar et al., 2016) for phylogenetic analysis. 
 
Three alignments were run in MEGA v7 (Kumar et al., 2016): (1) a 252bp alignment for 
sample FNP168B from the BTHL1/BTHL2 primer pair, (2) the sequences generated 
from primers Nbab_1F/18S ApiR run at 1224bp and (3) a shortened 545bp version of 
the sequences from Nbab_1F/18S ApiR with the addition of four Theileria spp. (T. 
gilberti, T. penicillata, T. fuliginosus and T. brachyuri ) that did not have 18S rRNA 
sequences long enough for the 1224bp analysis. The first analysis conducted in MEGA 
v7 (Kumar et al., 2016) was with the Best Models Function to determine the best 
phylogenetic model for the sequences. For the 1224bp alignment the Tamura-Nei model 
(Tamura and Nei, 1993) was the best fit, while for the 252bp and the 545bp alignments 
the Kimura-2-parameter model was the best fit (Kimura, 1980). These models were then 
subsequently used to generate the genetic similarity matrices and the phylogenetic trees 
for each alignment.  
 
All phylogenetic trees were analysed using the Maximum Likelihood method in MEGA 
v7 (Kumar et al., 2016), with a bootstrap replicate number of 500. Bootstrapping was 
utilised to indicate the likelihood that the node alignment of the tree is a true reflection 
of the evolutionary relationship of the sequences under analysis (Hillis and Bull, 1993). 
Due to higher levels of variation existing between nodes, bootstrap values less than 60% 
were excluded from the tree. Distances analysis was conducted using MEGA v7 
(Kumar et al., 2016), to generate a distance matrix to gain an estimate of how closely 





2.6 Statistical analysis  
Percentages and proportions are presented with 95 percent confidence intervals. These 
intervals have been calculated via the exact binomial methods in Microsoft Excel.  
 
For the statistical analysis of the devil blood PCR results comparative to DFTD healthy 
status a Fisher’s exact test (two-tailed) was employed. This test was conducted as a 
cross-sectional analysis using the ‘Summarise measures of association from a 2x2 table’ 
function in the ‘Epi Tools- Summarise categorical or continuous data’ section of the 
AUSVET EpiTools epidemiological calculators website: http://epitools.ausvet.com.au 
(Sergeant, 2009).  
 
RStudio (version 1.1.423) (R Core Team, 2013) was used to generate the tick 
distribution via site figure (Figure 3.3), with the following packages attached: tidyr 
(Wickham et al., 2018), dplyr (Wickham et al., 2018), ggplot2 (Wickham, 2016) and 













3.1 Blood samples 
3.1.1 Demographics of samples  
 
A total of 94 devils, trapped at four sites in May 2018, were sampled.  
 
Age 
Devils ranging in age from first year-of-life (Year of birth (YOB): 2017) to fifth year-
of-life (YOB: 2013) were trapped in this study, with an average age of 1.5 years (Table 
3.1). Devils in their first year-of-life were the most frequent in all sites, comprising 
58.1% (39.1%-75.5% CI) of the population at Black River, 63.0% (42.4%-80.6% CI) at 
Freycinet, 59.1% (36.4%-79.3% CI) at Takone and 64.3% (35.1%-87.2% CI) at West 
Pencil Pine. The proportions of second year devils captured at each site was 
approximately half of that recorded for first year devils: Black River 29.0% (14.2%-
48.0% CI), Freycinet 25.9% (11.1%-46.3% CI), Takone 36.4% (17.2%-59.3% CI) and 
West Pencil Pine 35.7% (12.8%-64.9% CI). Representatives in older categories (third 
year-of-life to fifth year-of-life) rapidly declined thereafter. The decline was most 
severe in West Pencil Pine and Takone; no older devils were trapped at West Pencil 
Pine (0.0%: 0.0%-23.2% CI) and only one fifth year-of-life devil was trapped at Takone 
(4.6%: 0.1%- 22.8% CI) (Table 3.1). The population decline at the other two sites was 
less dramatic, four individuals (12.9%: 3.6%- 29.8% CI) were trapped in the third year-
of-life category at Black River and a single third year-of-life individual (3.7%: 0.1%-
19.0% CI) and two fourth year-of-life individuals (7.4%: 0.9%-24.3% CI) were trapped 





Devil facial tumour disease status 
Devils positive for DFTD were trapped at all four sites, with DFTD positive devils 
making up a total of 21/94 (22.3%: 14.4%-32.1% CI) devils trapped (Table 3.1). Signs 
of DFTD were not present (0.0%: 0.0%-6.3% CI) in any first year-of-life devils, 
however all sites had devils positive for DFTD by the second year-of-life. DFTD was 
present in both the two year-old and three year-old devils at Black River, with 5/9 
(55.6%: 21.2%-86.3% CI) and 1/4 (25.0%: 0.6%-80.6% CI) devils respectively 
presenting with DFTD. Black River also had two individuals, one two-year old (11.1%: 
0.3%-48.2% CI) and one (25.0%: 0.6%-80.6% CI) three-year old, that showed facial 
injuries of undetermined origin. Freycinet had diseased devils in all three older 
categories, with 3/7 (42.9%: 9.9%-81.6 %CI) two year-olds, 1/1 (100%: 2.5%-100.0% 
CI) three year-olds and 1/2 (50.0%: 1.3%-98.7% CI) four year-olds with DFTD. Takone 
on the other hand had 5/7 (71.4%: 29.0%-96.3% CI) of the second year devils infected 
with DFTD, however the five-year-old devil was healthy (0.0%: 0.0%-15.4% CI). The 
last site, West Pencil Pine, saw the devil health status severely decline, with all five 














Table 3.1: Number of Tasmanian devils (S. harrisii) sampled at each site, by age (Year 















positive   
 
Site total  
Black 
River 
2013 0 0 0 31 
2014 0 0 0 
2015 2 1 1 
2016 3 1 5 
2017 18 0 0 
Freycinet 2013 0 0 0 27 
2014 1 0 1 
2015 0 0 1 
2016 4 0 3 
2017 17 0 0 
Takone 2013 1 0 0 22 
2014 0 0 0 
2015 0 0 0 
2016 3 0 5 
2017 13 0 0 
West 
Pencil Pine 
2013 0 0 0 14 
2014 0 0 0 
2015 0 0 0 
2016 0 0 5 



















3.1.2 PCR at the 18S rRNA locus 
Genomic DNA samples (gDNA) extracted from all 94 blood samples were screened 
using the BTHL1/BTHL2 assay (~300bp) and then with the Nbab_1F/18S ApiR assay, 
which produced a much longer amplicon (~1500bp) (Table 3.2). The BTHL1/BTHL2 
pair produced amplicons in 34 samples (36.2%: 26.5%-46.7% CI), with amplification 
occurring in samples from all four sites. The Nbab_1F/18S ApiR assay produced eight 
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positives (8.5%: 3.7%-16.1% CI), all from Black River. Five Black River samples 
(5.3%: 1.7%-12.0% CI) were PCR positive with both primer sets.  
 
Table 3.2: PCR amplification of Tasmanian devils (S. harrisii) blood samples, 
categorised via health status, using the BTHL1/BTHL2 primers and the Nbab_1F/18S 





















(n = 31) 
Healthy 23 17 6 4 
Facial 
injuries 
2 0 0 - 
DFTD 
positive 
6 4 2 1 
Freycinet  
(n = 27) 
Healthy 22 7 0 - 
Facial 
injuries 
0 - - - 
DFTD 
positive 
5 0 0 - 
Takone  
(n =22) 
Healthy 17 4 0 - 
Facial 
injuries 
0 - - - 
DFTD 
positive 
5 0 0 - 
West Pencil 
Pine   
 
(n=14) 
Healthy 9 2 0 - 
Facial 
injuries 
0 - - - 
DFTD 
positive 
5 0 0 - 















Assessment of PCR results relative to health status revealed positive PCRs on both 
diseased and non-diseased samples (Table 3.2). The two samples (2.13%: 0.3%-7.5% 
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CI) from Black River that had facial injuries of undeterminable origin were excluded 
from the statistical analysis. Comparison of the ~300bp assay to DFTD status, revealed 
that 42.3% (30/71; 30.6%-54.6% CI) of healthy devils and 19.1% (4/21; 5.4%- 41.9% 
CI) of DFTD infected devils were positive. A Fisher’s exact test (two-tailed) revealed a 
p value of 0.07, thus no statistical significance occurred between the DFTD health status 
groups. Prevalence analysis based on the ~1500bp PCR results, revealed 8.5% (6/71; 
3.2%-17.5% CI) of healthy devils and 9.5% (2/21; 1.2%-30.4% CI) of diseased devils 
were PCR positive. Comparison between categories on a Fisher’s exact test (two-tailed) 
again revealed non-significant findings; with a p value of 1 calculated. A DFTD 
positive sample (4.8%; 0.1%- 23.8% CI) and four healthy devil samples (5.6%; 1.6%- 
13.8% CI) were positive on both PCR analyses, however statistical analysis revealed a p 
value of 1 on the Fisher’s exact test (two-tailed).  
 
3.1.3. Sanger sequencing and NCBI BLAST 
A subset of 17 PCR positive products (nine from the ~300bp assay; eight from the 
~1500bp assay) from 12 samples, were selected for Sanger sequencing (five samples 
had amplification at the 18s rRNA gene on both assays). All eight amplification 
products from the ~1500bp primers were selected, as longer sequences provide more 
genetic information for robust phylogenetic analyses.  The remaining nine amplification 
products comprised the five ~300bp products from the samples that were PCR positive 
with both primer pairs, and four randomly selected ~300bp products. The details of the 
closest NCBI BLAST matches, as well as, site of trapping and host DFTD status are 
presented in Table 3.3.    
 
Analysis of the ~300bp fragments, obtained via Sanger sequencing revealed five mixed 
and four clean chromatograms. NCBI BLAST analysis of all nine sequences returned 
non-specific matches on the first eight chromatograms and a specific match from the 
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ninth chromatogram: FNP168 (clean chromatogram). This sample had a 99% identity at 
98% query cover to Babesia sp. isolate BP1 (MG5932721).  
 
Visualisation of the ~1500bp sequences obtained by Sanger sequencing revealed four 
samples with clean chromatograms and four with mixed chromatograms. NCBI BLAST 
analysis of the clean chromatograms identified one as a non-specific hit, and three 
which matched with apicomplexan sequences; (1) BRI5 matched Theileria 
worthingtonorum isolate ITF5 (MG758121) with an 89% identity on a query cover of 
87%, and (2) BRI114 had a 85% similarity on a query cover of 92% to Theileria sp. 
MT509-2 (LC169089) and (3) BRI110, had an 85% identity on a query cover of 99% to 





Table 3.3: Sequencing and NCBI BLAST results for ~300bp and ~1500bp amplicons from Tasmanian devils (S. harrisii) blood, with sites 













BRI5B Black River Diseased 
~300bp Negative - - - - 
~1500bp Positive* Theileria worthingtonorum 
isolate ITF5 
87% 89% MG758121 
BRI36B Black River Diseased 
~300bp Positive Non-specific - - - 
~1500bp Positive Non-specific - - - 
BRI101B Black River  Healthy  
~300bp Positive* Non-specific - - - 
~1500bp Negative - - - - 
BRI103B Black River Healthy 
~300bp Positive Non-specific - - - 
~1500bp Positive Non-specific - - - 
BRI105B Black River Healthy 
~300bp Positive Non-specific - - - 
~1500bp Positive Non-specific - - - 
BRI106B Black River Healthy 
~300bp Positive Non-specific - - - 
~1500bp Negative - - - - 
BRI108B Black River Healthy ~300bp Negative - - - - 
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~1500bp Positive Non-specific - - - 
BRI109B Black River Healthy 
~300bp Positive Non-specific - - - 
~1500bp Negative - - - - 
BRI110B Black River Healthy 
~300bp Positive* Non-specific - - - 
~1500bp Positive* Unknown 
Apicomplexan  
99% 85% AY490099 
BRI114B Black River Healthy 
~300bp Positive Non-specific - - - 
~1500bp Positive* Theileria sp. MT509-2 92% 85% LC169089 
BRI115B Black River Healthy 
~300bp Negative - - - - 
~1500bp Positive* Non-specific - - - 
FNP168B Freycinet Healthy 
~300bp Positive* Babesia sp. isolate 
BP1 
98% 99% MG593272 
~1500bp Negative - - - - 
 
* Clean chromatograms results. Chromatograms with HQ% greater than 90% were considered clean. 
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3.1.4. Microscopy of blood smears 
Analysis of five blood-smears from healthy devils at Takone revealed four samples 
containing exoerythrocytic, oblong inclusions of approximately 10.0µm length; 
morphologically similar to Hepatozoon sp. gamonts (Figure 3.1a). In addition, a small 
(less than 1µm in diameter) round intraerythrocytic inclusion, morphologically 
consistent with piroplasms, was observed in one smear (Figure 3.1b). The small 
erythrocytic inclusion was observed from one of the four samples containing the larger 
oblong inclusions, displaying the potential for mixed infections. Comparisons of 
morphological findings to PCR and Sanger sequencing results revealed that only two 
smears containing potential Hepatozoon sp. gamonts, one of which also contained the 
piroplasm specimen, corresponded to PCR positive blood samples on the 
BTHL1/BTHL2 assay (Table 3.4).  
 
 
Figure 3.1: Observation of apicomplexan parasites in Tasmanian devil (S. harrisii) 
blood smears a.) potential Hepatozoon spp. gamont, b.) intraerythrocytic inclusion 








Table 3.4: Morphological findings compared to DFTD status and PCR results of five 
















T-215B Yes Yes Healthy  Positive  Negative 
T-220B Yes No Healthy Positive Negative 
T-206B Yes No Healthy Negative  Negative 
T-219B Yes No Healthy Negative Negative 




3.2.1. Demographics of samples 
A total of 254 ticks were collected from wild devils at five sites in 2015 and 2018. 
Morphological identification with Roberts (1970), and Barker and Walker’s (2014) 
dichotomy keys identified 232 ticks to species level, and three to genus level (Figure 
3.2). All ticks present were from the hard tick genus Ixodes and those identifiable to 
species were either Ixodes tasmani (n = 217. 93.5%: 89.6%-96.3% CI) or Ixodes fecialis 
(n = 12/ 5.2%: 2.7%-8.9% CI) (Figure 3.2 and 3.3). Of the remaining 22 ticks, 15 were 
morphologically comparable to I. tasmani and seven were comparable to I. fecialis, but 
definite identification could not be confirmed due to damage to a key morphological 




Figure 3.2: Tick specimens from Tasmanian devils, identified by dichotomous keys in 
Roberts (1970), and Barker and Walker (2014).  A) I. tasmani nymph (fed); B) I. 
tasmani adult female (fed); C) I. fecialis nymph (engorged); and D) I. fecialis adult 
female (fed).  
 
Of the 251 ticks confirmed or inferred to species level, I. tasmani (including I. cf. 
tasmani) was the most prevalent across and within all sample sites; comprising 92.4% 
(88.4%-95.4% CI) of the total samples. Ixodes tasmani (including I. cf. tasmani) was 
identified as the most prevalent species at Black River (65.8%: 48.6%- 80.4% CI) and 
Takone (92.4%: 84.2%-97.2% CI), and was the sole species confirmed at Freycinet 
(100%: 93.3%-100.0% CI), West Pencil Pine (100.0%: 47.8%- 100.0% CI) and Wilmot 
(100.0%: 95.3%- 100.0% CI). The other species, I. fecialis (including I. cf. fecialis), had 









Figure 3.3: Number of each tick species (n = 254) identified by site and year of sample 
collection using keys by Roberts (1970) and Barker and Walker (2014). 
 
 
Representatives of all life stages of Ixodes spp. ticks were found parasitising Tasmanian 
devils; with adult females the most prevalent stage at 74.2% (191/254. 69.4%- 80.4% 
CI) and larvae the least prevalent 0.4% (1/254. 0.0%-2.2% CI) (Table 3.5). Adult 
females were found at all sites with prevalence ranging from 52.7% (29/55. 38.8%- 
66.3% CI) at Freycinet to 100% (5/5. 47.8%- 100.0% CI) at West Pencil Pine. The 
second most prevalent life stage was nymphs, with specimens found at four of the five 
sites: Black River (2/38. 5.3%: 0.6%- 17.7% CI), Freycinet (24/55. 43.6%-57.7% CI), 
Takone (7/80. 8.8%: 3.6%- 17.2% CI) and Wilmot (20/76. 26.3%: 16.9%-37.7% CI).  
The observation of adult males was uncommon, with a total of nine found at three sites: 
Wilmot (6/76. 7.9%: 3.0%-16.4% CI), Takone (2/80. 2.5%: 0.3%-8.7% CI) and 























































it originated from Freycinet. Further details of tick instar by species can be found in 
Appendix 1. 
 
Table 3.5: Instar demographics by site and year as determined using morphological keys 
by Roberts (1970) and Barker and Walker (2014). 
 





Black River 2018 - 2 36 - 38 
Freycinet 2018 1 24 29 1 55 
Takone 
2015 - 7 52 2 61 
2018 - - 19 - 19 
West Pencil 
Pine 
2018 - - 5 - 5 
Wilmot 2015 - 20 50 6 76 



















3.2.2 DNA extraction from ticks 
Specimens were divided into two pools (Pool A: n = 122 and Pool B: n = 132) for 
extraction and screening, with Pool A screened in this study (please see section 4.4 
Future Directions for completion of Pool B). Table 3.6 summarises the species 
demographics of ticks in Pool A. A total of 114 I. tasmani and I. cf. tasmani specimens 
were extracted with representatives from all five sites. The remaining eight specimens 
were I. fecialis and I. cf. fecialis samples from Black River. Further details on the instar 
demographics of ticks in Pool A can be found in Table 3.7. Successful extraction was 
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confirmed in all samples with DNA quantity determined by Nanodrop 
spectrophotometry (see Appendix 2 for details).  
 
Table 3.6: Tick species demographics by site and year for Pool A ticks determined 
according to keys from Roberts (1970) and Barker and Walker (2014).  
 













Black River 2018 21 - 5 3 - 29 
Freycinet 2018 10 1 - - - 11 
Takone 2015 - - - - - - 
2018 5 - - - - 5 
West Pencil 
Pine 
2018 1 - - - - 1 
Wilmot 2015 72 4 - - - 76 

































Table 3.7: Tick instar demographics by site and year for samples from Pool A using the 
keys by Roberts (1970) and Barker and Walker (2014).  
 





Black River 2018 - 2 27 - 29 
Freycinet 2018 - 2 9 - 11 
Takone 2015 - - - - - 
2018 - - 5 - 5 
West Pencil 
Pine 
2018 - - 1 - 1 
Wilmot 2015 - 20 50 6 76 



















3.2.3. PCR of ticks at the 18S rRNA locus 
As with the blood samples, tick gDNA extracts were screened using the 
BTHL1/BTHL2 and Nbab_1F/18S ApiR primer sets. With the BTHL1/BTHL2 primers, 
38 out of 94 samples were PCR positive, while five samples were positive using the 
Nbab_1F/18S ApiR primers. Comparison of the positive results from each primer pair 
revealed that four samples were PCR positive using both sets of primers: one from 
Black River and three from Wilmot (Table 3.8). Overall 39 samples were PCR positive 





Table 3.8: Number of PCR positive results from 122 ticks using the BTHL1/BTHL2 
and Nbab_1F/18S ApiR assays at each study site.  
 















29 5 1 1 
Freycinet 11 3 0 0 
Takone* 5 0 0 0 
West 
Pencil Pine 
1 1 0 0 
Wilmot 76 29 4 3 
Total 122 38 
(31.2%: 23.1%- 
40.2% CI)  
5 






*2018 samples  
 
Analysis of PCR positive samples, determined using the BTHL primers, against tick 
instar revealed that four amplicons were from nymphs, 31 were from adult females and 
three were from adult males (Table 3.9). All the nymph and adult females were from I. 
tasmani and the adult males were I. cf. tasmani. Five adult ticks amplified with the 
Nbab_1F/18S ApiR primers, three from I. tasmani females and two from I. cf. tasmani 
males. No positive results were generated from I. fecialis samples (0.0%: 0.0%-9.0% 







































Total  4 34 5 43 
 
 
3.2.4. Sanger sequencing and NCBI BLAST 
A subset of 20 samples that generated a total of five amplicons at ~1500bp and 19 
amplicons at ~300bp were selected for Sanger sequencing and NCBI BLAST analysis. 
Of these, four samples produced amplicons with both PCRs, 15 only produced 
amplicons with the BTHL1/BTHL2 primers and one sample only produced an amplicon 
with the Nbab_1F/18S ApiR set (Table 3.10). NCBI BLAST analysis of the ~300bp 
reads revealed 8/19 samples (42.1%: 20.3%-66.5% CI) were specific to Hepatozoon 
banethi isolate ITF7 (MG758115), each with 99% query cover and between 99% and 
100% identity. The remaining samples produced non-specific NCBI BLAST matches.   
 
Analysis of the ~1500bp sequences revealed two samples with mixed chromatograms 
and three with clean chromatograms. Alignment and NCBI BLAST results produced 
matches to Theileria paparinii (MG758115) for two of the three clean sequences (Table 
3.10). The first sample, B3IT from Wilmot, returned a 99% query cover and a 100% 
identity to T. paparinii and the second sample H3IT, also from Wilmot had a 90% 
query cover and a 96% identity. The third sample, BRI112T from Black River produced 
non-specific results during the NCBI BLAST analysis.  
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Comparison of specific NCBI BLAST matches against host devil health status, 
identified H. banethi (highest similarity to isolate ITF7 -MG758137) in six ticks from 
healthy devil hosts, and in two ticks from diseased devils and T. paparinii in individual 






Table 3.10: Top NCBI BLAST matches for samples Sanger sequenced. Sample details include sample site, host devil disease status and 





























300bp Positive* Non-specific - - - 









300bp Positive Non-specific - - - 









300bp Positive Non-specific - - - 









300bp Positive Non-specific - - - 









300bp Positive* Non-specific - - - 
1500bp Negative - - - - 





300bp Positive* Non-specific - - - 
1500bp Negative - - - - 









99% 99% MG758137 
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1500bp Negative - - - - 









99% 99% MG758137 









300bp Positive* Non-specific - - - 
1500bp Negative - - - - 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 100% MG758137 
~1500bp Negative - - - - 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 100% MG758137 
~1500bp Negative - - - - 




~300bp Positive* Non-specific - - - 
~1500bp Negative - - - - 




~300bp Negative - - - - 
~1500bp Positive* Theileria paparinii 
isolate ITF4 
99% 100% MG758115 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 99% MG758137 
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~1500bp Negative - - - - 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 99% MG758137 
~1500bp Negative - - - - 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 99% MG758137 
~1500bp Negative - - - - 




~300bp Positive* Hepatozoon banethi 
isolate ITF7 
99% 100% MG758137 
~1500bp Negative - - - - 




~300bp Positive Non-specific - - - 
~1500bp Positive Non-specific - - - 




~300bp Positive Non-specific - - - 
~1500bp Positive Non-specific - - - 




~300bp Positive Non-specific - - - 
~1500bp Positive Theileria paparinii 
isolate ITF4 
90% 96% MG758115 
 58 
3.3. Phylogenetics 
A Maximum Likelihood phylogenetic tree, based on 1224bps of the 18S gene, was 
produced in MEGA v7 (Figure 3.4). The four clean chromatogram sequences from 
blood samples (BRI5B, BRI110B, BRI114B and BRI115B) and the three clean 
sequences from ticks (B3IT, BRI112T and H3IT), generated using the Nbab_1F/18S 
ApiR assay (~1500bp) were selected for analysis. According to the phylogenetic 
analysis based on a 1224bp alignment, sequences generated in this study clustered 
within two clades. Sequences from samples B3IT and H3IT, both from I. tasmani ticks 
collected at Wilmot clustered within the Australian Theileria clade consisting of 
piroplasms found in marsupials and ticks; and four samples from devil bloods and one 
from an I. tasmani tick from Black River clustered with non-piroplasm apicomplexans 
(Figure 3.4).  
 
A genetic similarity analysis was done on the same sequences used to generate the 
1224bp tree (Figure 3.4 and Table 3.11). Sample B3IT clustered with T. paparinii with 
high bootstrap support, and further analysis of its genetic similarity, revealed it to be 
100% similar to T. paparinii. Sample H3IT, on the other hand, branched off earlier in 
the Australian Theileria clade, but also returned T. paparinii as its closest genetic 
species (97.6% similarity). For the specimens clustering in the non-piroplasm 
apicomplexan group, one blood sample (BRI115B), clustered off the same node 
(bootstrap 100%), as the Uncultured Alveolate Clone BOLA566 (AF372780) and the 
Uncultured Coccidia clone PR3 4E 33 (GQ330636). However, its closest named species 
match was to the platypus T. ornithorhynchi with a similarity of 89.2%. The remaining 
four samples all clustered together on a bootstrap value of 99%. The closest sequence in 
the tree was Ancora cf. sagittata isolate AncoraWSBS2010 (KX982504), which had a 
bootstrap value of 95% at the common node. Genetic distance analysis revealed 
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Stylocephalus giganteus as the closest named species for all four sequences, with 
genetic similarity ranging from 85.7-85.9% (Table 3.11). 
 
Inset within the main tree are two excerpts from shorter assays. Inset tree A is from 
piroplasm sequences (252bp) aligned with sequence FNP168B, and inset tree B was 
produced because not all Theileria species had ³1224bp sequences for the 18S rRNA 
gene available in GenBank. A smaller tree (545bps) was generated to compare these 
samples to the Theileria clade now including T. gilberti, T. penicillata, T. fuliginosus 
and T. brachyuri (Figure 3.4 inset B).  
 
Inset tree A (Figure 3.4) showed sequences clustered within the Babesia Sensu Stricto 
Clade which clustered on high bootstrap support with Babesia lohae. Genetic distance 
analysis revealed B. lohae to be the closest genetic match with 98.8% genetic similarity 
(Table 3.11). As shown in Inset B of Figure 3.4, the re-analysis of samples B3IT and 
H3IT, to account for the inclusion of T. gilberti, T. penicillata, T. fuliginosus and T. 
brachyuri revealed B3IT maintained its original topology and clustered with T. 
paparinii, however T. penicillata was now also identical to it (Figure 3.4 and Table 
3.11).  Furthermore, similar to the main tree, sample H3IT branched from the clade 
early, but T. gilberti and T. brachyuri were a closer genetic match than T. paparinii 
(Figure 3.4: Inset B). The genetic similarity of both of these samples to H3IT was 
96.2% (Table 3.11), whereas T. paparinii was 95.8% similar. 
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Figure 3.4: Maximum Likelihood phylogenetic tree of tick (brown dots) and blood (red 
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dots) consensus sequences from primers Nbab_1F/18S ApiR (1224 bp) produced on the 
Tamura-Nei model. Samples are listed with the host they were extracted from and the 
sample site. Piroplasm species from GenBank are listed to species level where possible 
and GenBank accession numbers are listed in brackets. Branch nodes show bootstrap 
values (%) for values over 60. Insets A) An excerpt of a 252bp tree generated on the 
Kimura-2-parameter model, including sample FNP168 from the BTHL1/BTHL2 assay; 
and B) An excerpt of a tree with samples B3IT and H3IT run with the addition of T. 





Table 3.11: Genetic similarity between samples in this study and their closest confirmed species phylogenetic match were conducted in 
MEGA v7. Similarities for the 1224bp samples were calculated with the Tamura-Nei model, while the 252bp and the 545bp samples were 
calculated on the Kimura-2-parameter model.   
 
Sample Size Closest species Host of closest 
species 






















Ixodes tasmani Tasmania, 
Australia 
MG758115 (Greay et al., 
2018b) 
100.0% 
1224 bps Theileria 
paparinii 
Ixodes tasmani Tasmania, 
Australia 
MG758115 (Greay et al., 
2018b) 
100.0% 
BRI112T 1224 bps Stylocephalus 
giganteus 





























EF554394 (Lee et al., 
2009) 
1224 bps Theileria 
paparinii 
Ixodes tasmani Tasmania, 
Australia 
MG758115 (Greay et al., 
2018b) 
97.6% 
Samples from bloods 
BRI5B 1224 bps Stylocephalus 
giganteus 






BRI110B 1224 bps Stylocephalus 
giganteus 






BRI114B 1224 bps Stylocephalus 
giganteus 











Australia KT937391 (Paparini et al., 
2015b) 
89.2% 
FNP168B 252 bps Babesia lohae Ixodes holocyclus Queensland, 
Australia 





Tasmanian devils are iconic Australian marsupials that play the vital role of apex 
predator in the Tasmanian ecosystem (Hollings, 2016). However, due to population 
declines, primarily caused by DFTD, the devil is now classed as endangered under the 
Tasmanian Threatened Species ACT 1995 (Rose et al., 2017).  Extensive work to 
understand current devil population health has confirmed them as host to 28 species of 
parasites (Wait, 2016; Wait et al., 2017), while ticks (I. tasmani) collected from wild 
devils have been found to be infected with Hepatozoon spp. (Vilcins et al., 2009). The 
present study further characterises haemoprotozoan parasite interactions with 
Tasmanian devils and investigates the role of ticks as potential vectors. Hepatozoon-like 
organisms and a piroplasm-like organism were detected in blood smears taken from 
Tasmanian devils. Two out of three tick species known to parasitise Tasmanian devils 
were identified, and at a genus level, all life stages of Ixodes spp. ticks were 
documented. There were no statistical differences in numbers of samples PCR positive 
for apicomplexans between DFTD and non-DFTD infected devils. Finally, further 
phylogenetic analysis revealed apicomplexan sequences of known and novel origin 
present in blood samples from Tasmanian devils from one of the sites sampled. 
 
4.1 Morphology observations 
4.1.1. Blood smears 
Microscopy of five blood smear samples from Takone revealed four samples with 
Hepatozoon spp. like inclusions, one of which also contained a piroplasm body. The 
visualisations of such bodies, while only tentatively assigned to a given species, 
demonstrates the potential capacity for Tasmanian devils to carry haemoprotozoans in 
single and mixed infections. The finding of positive infection upon microscopic 
screening of blood samples can be important in instances where conventional PCR 
protocols are not yet optimised. In these circumstances, false negatives on PCR 
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amplification, as seen in half of the morphologically positive samples in the present 
study (Table 3.4), can be attributed to inhibition in PCR reactions (Wilson, 1997) and/or 
usage of non-optimised primers (Apte and Daniel, 2009).  
 
Blood smear microscopy can also have the added benefit of revealing how pathogens 
are interacting with host blood cells. In this study, Figure 3.1 shows a small intracellular 
parasite in a red blood cell which is consistent with the erythrocytic phase of a 
piroplasm lifecycle (Boustani and Gelfand, 1996; Sivakumar et al., 2014). Such an 
observation cannot be deduced from molecular screening. This, in addition to reducing 
the risk of returning false positive results from errors such as contamination (Yang and 
Rothman, 2004) or negative results from non-specific primer selection (Apte and 
Daniel, 2009), highlights the importance of using microscopy for the detection and 
diagnosis of haemoprotozoan infection. 
 
Despite the importance of microscopy for confirming the presence of parasite infection, 
only a limited number of smears were able to be screened and smear data was only 
available from one site (Takone). The morphological findings of the present study are 
therefore unable to fully address the primary aim in their own right. To strengthen the 
morphological findings, as well as adding evidence to molecular work, it is 
recommended that more samples be screened in future studies. Ideally, further screening 
by microscopy would compare DFTD and non-DFTD infected individuals within sites, 
as well as samples from across Tasmania to gain an insight into the prevalence of 
Haemoprotozoans in devils.  
 
4.1.2. Tick identification 
Morphological identification of tick specimens identified two of the three species 
previously reported to parasitise Tasmanian devils: Ixodes tasmani (Roberts, 1960; 
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Vilcins et al., 2009) and  I. fecialis (Green, 1967; Roberts, 1970) (Figures 3.2 and 3.3).  
However, I. holocyclus, a tick species reported to be present on Tasmanian devils by 
Vilcins et al. (2009), was not identified. Wait and colleagues (2017) argue that the 
finding of I. holocyclus was in fact a misidentification of I. cornuatus due to the two 
species bearing morphological similarities. However, due to the lack of findings of 
specimens from either species, the present study was unable to provide any insight on 
this discrepancy.  
 
Ixodes tasmani was the most prevalent and widespread tick species identified from the 
Tasmanian devils sampled, with specimens detected at all sites. I. fecialis, on the other 
hand, was identified at only Black River and Takone (Figure 3.3). The abundance and 
range of I. tasmani seen in the present study is consistent with previous findings for this 
species (Roberts, 1970). Ixodes fecialis has previously been identified from six sites 
across mainland Tasmania: Arthur River, Cradle Mountain, Gladstone, Georgetown, 
Maydena and McIntyre River (Roberts, 1970), however little is known about its relative 
abundance within these sites or in areas around them. Thus, the lack of identification of 
specimens at three sites, two of which (Wilmot and West Pencil Pine) fall within a 
triangle made by Arthur River, Gladstone and Maydena, could possibly be due to 
absence and/or low numbers of this species at these sites. Further sampling in and 
around these sites is required to gain a deeper insight into the current species range of I. 
fecialis.   
 
At the genus level, all life stages of Ixodes spp. ticks were identified from Tasmanian 
devils, with adult females the most prevalent (Table 3.5). Analysis was conducted at the 
genus level due to not all samples being identifiable to species level. The high 
prevalence of adult female ticks (74.2%: 69.4%-80.4% CI) observed in the present 
study is most likely attributed to Ixodes spp. females requiring longer attachment times 
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when feeding (Barker and Walker, 2014). A laboratory study on I. tasmani ticks 
preformed on rats (Rattus norvegicus) reported that adult females took 4.1+/- 0.8 days 
to feed, compared to 3.2+/- 0.9 days for nymphs and 2.4+/-0.9 days for larvae (Murdoch 
and Spratt, 2005). In contrast, male ticks had a low prevalence in the present study 
(Table 3.5), however this is in line with previous findings of Vilcins et al. (2009). Male 
Ixodes spp. ticks do not seek a blood meal from a vertebrate host during the adult stage 
of their lives, so thus are only found on such hosts in pursuit of a mate (Apanaskevich 
and Oliver Jr, 2014; Barker and Walker, 2014; Kiszewski et al., 2001). Adult Ixodes 
spp. ticks have also been found to mate in the environment, therefore further potentially 
reducing the numbers of males found (Kiszewski et al., 2001).  
 
The overall prevalence of nymph specimens in the present study was 20.9% (53/254. 
1.0%-26.4% CI), however, there was large variability in observations between sample 
sites (Table 3.5). Characterisation of ticks from Tasmanian devils by Vilcins et al. 
(2009) reported that 46.9% (130/277) of specimens collected were nymphs, much 
higher than the results of the current study. However, the difference in proportions 
could be due to seasonal variations in sample collection, as approximately half of the 
samples utilised in this study were from an Autumn collection, while in the study by 
Vilcins et al.’s (2009), samples were collected from November 2004 through to August 
the following year. It is recognised that seasonal variation can influence total numbers 
of ticks as well as proportions of each respective instar stage (Randolph, 2004). 
Climatic factors, such as temperature and humidity, can have substantial bearings on 
tick survival and development, with tick numbers typically declining as temperatures 
get hotter and drier (Randolph, 2004). Approximately half of the samples analysed in 
the present study originated from the Autumn sampling season, thus seasonal variation 
in tick populations cannot effectively be accounted for in the present study. Samples 
from across multiple seasons and years are required before firm epidemiological 
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statements can be made about tick-devil interactions. Future work aims to achieve this 
through long-term sampling of these sites, occurring at three monthly intervals.         
 
The collection of one Ixodes spp. larva from a Tasmanian devil at Freycinet, while a 
rare finding, is not the first documentation of larvae on devils. In 1962 Dr F.H.S. 
Roberts identified I. tasmani larvae from devils at Rocherlea (near Launceston) (Green, 
1967). Nevertheless, previous studies on Ixodes ricinus larvae found they had a 
preference for smaller mammalian hosts (Nilsson and Lundqvist, 1978), therefore 
presenting a hypothesis as to why finding larvae of Ixodes spp. ticks on Tasmanian 
devils is rare. Another potential reason for the low levels of Ixodes spp. larvae found on 
devils is the time spent feeding, the larval stage of the lifecycle has the shortest feeding 
duration, with Murdoch and Spratt (2005) documenting an average of 2.4+/- 0.9 days 
feeding time in I. tasmani ticks from rats (R. norvegicus). A further reason for low 
levels of larvae found, could be their size. Work measuring larva scutal size in 
specimens of Ixodes scapularus found the average scutal size of specimens in two trials 
to be 3.16mm and 3.60mm (Ginsberg et al., 2017). Thus, if ticks are being collected 
opportunistically in a field setting, tick specimens of such small size may not be easy to 
locate.  
 
While morphological identification of ticks is currently the gold standard for species 
identification, there are some challenges associated with it; namely, the skill and 
expertise required to recognise features from a dichotomous key, and damage or 
absence of key features needed for identification (Yssouf et al., 2016). Due to the above 
two reasons, namely the second due to many samples missing their hypostomes 
(feeding apparatus), 22 specimens in this study could only be confirmed to genus. For 
clinically significant samples it would be beneficial to have a molecular screening tool 
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to aid in species allocation of samples where ambiguity presents at a morphological 
level (Yssouf et al., 2016).  
 
The first objective of this study was to conduct an investigation into the instar 
demographics and species prevalence of ticks collected from Tasmanian devils. The 
findings of the present study were consistent with previous studies: demonstrating I. 
tasmani as the most abundant tick species, documentation of all life stages of Ixodes sp., 
and predominance of adult female specimens.  
 
4.2 Molecular screening 
4.2.1. Blood sample extracts 
4.2.1.1. PCR assays 
Screening of devil blood gDNA extracts at the 18S rRNA locus with apicomplexan 
primers revealed positive sequences at all sites on the ~300bp assay and positives from 
one site (Black River) on the ~1500bp assay (Table 3.3). The large difference in 
positive sample numbers between PCR assays could be attributed to PCR specificity 
and sensitivity. The primers utilised to generate the ~300bp amplicons 
(BTHL1/BTHL2), were designed to target a broad range of piroplasms and thus have 
broad specificity for apicomplexan sequences (Tabar et al., 2008). The specificity and 
sensitivity of the Nbab_1F/18S ApiR primer pair is unknown, as it is a new 
combination first utilised by Greay et al. (2018b) and limited data is available.  
 
A breakdown of PCR positive results relating to DFTD status, found no statistical 
difference between DFTD infected individuals and individuals with no observable signs 
of DFTD (Table 3.2). However, due to the cross-sectional nature of this study, larger 
sample pools and longitudinal studies would be beneficial in determining whether 
DFTD status can influence PCR positivity. The detection of many parasites within 
 70 
devils occurred before the establishment of DFTD (Wait et al., 2017), therefore the 
relationship between parasite burden and DFTD status has not been widely explored. 
One mechanism that can be studied to infer the relationship between DFTD status and 
parasite infection is the cellular immune response. Multiple immune mechanisms are 
required for the elimination of haemoprotozoans, with such mechanisms requiring both 
the innate and adaptive systems (Allison, 1977). Analysis of DFTD infection influence 
on cellular immune responses in DFTD positive individuals found no significant 
differences in cellular immunity between infected and healthy individuals (Kreiss et al., 
2008). This suggests that the cellular branch of the immune system stays relatively 
intact during DFTD infection, therefore not producing an exploitable outlet for parasitic 
infection. This could potentially mean that DFTD status is independent of parasite 
infection, however further work with larger sample pools would provide a more robust 
statistical analysis and help to address the second hypothesis regarding parasite and 
DFTD interactions.  
 
The presence of ~1500bp PCR positives in only the last site to become infected with 
DFTD (Tables 2.1 and 3.2), raises the possibility of DFTD establishment coinciding 
with a decline in apicomplexan parasite presence. The dramatic reductions in devil 
population numbers as DFTD establishes itself, an average reduction of 77% across 
DFTD areas (Lazenby et al., 2018), could therefore be cause for reduction in parasite 
prevalence, thus reducing the chance of detecting these parasites at sites with longer 
duration of DFTD infection. While it may seem counter-intuitive to wish to retain 
parasites with in a population, parasites can play an important role in maintaining 
ecosystem health (Thompson et al., 2010). However, optimised PCR protocols should 
be used to re-analyse all samples before it can be definitively stated that this 
amplification is restricted to Black River. Furthermore, screening of devils in sites that 
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are still considered DFTD free will also be important in determining whether the 
amplification of these samples is restricted to just Black River.   
 
Negative PCR results were obtained from samples that were found to be infected with 
apicomplexan parasites based on morphological observation (Table 3.4) This indicates 
that the extraction and/or PCR protocols utilised in this study need optimisation for 
effective screening of samples of this nature. Optimisation should firstly focus on 
reducing the instances of chemical contamination during extraction, due to the fact that 
many samples showed levels of organic chemical contamination when analysed via 
spectrophotometry (Appendix 2). Organic chemicals can interfere with PCR’s in 
multiple ways, one such example with potential bearing on this study due to its use 
during sample collection, is EDTA. EDTA has been found to inhibit DNA polymerase 
at concentrations ³1mM, and does so via restricting the levels of Mg2+ available to Taq 
polymerase (Rossen, 1992).  
 
Another factor of consideration is total DNA levels; spectrophotometry machines can 
detect the levels of total DNA within an extraction, however it is unknown what 
proportions are from host, or other sources that may be present in the target pathogen (if 
present), and potentially any DNA from the diet (if extracted samples contain material 
from the digestive tract) (Gofton et al., 2017). To determine if total DNA levels are at 
inhibitory levels and/or non-target DNA (such as host DNA) is masking the presence, 
serial dilutions PCR’s should be run.  
 
4.2.1.2. Sanger sequencing and NCBI BLAST analysis 
While PCR assays provide quick and easy indications of infections, it is important not 
to rely on them as the sole diagnostic tool for infection, due to the possibility of non-
specific amplification (Apte and Daniel, 2009). Sanger sequencing of amplification 
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products from PCR can improve this technique by revealing the identity of amplicons 
generated and thus provide a more accurate indication of the identity of the infection 
(Sanger et al., 1977). The Sanger sequencing results of the present study revealed a 
combination of clean and mixed chromatograms in both the ~300bp and ~1500bp 
assays (Table 3.3). NCBI BLAST results of ~300bp chromatograms, revealed non-
specific results in all positive samples except one sample from Freycinet (FNP168B). 
This high level of non-specificity could be due to  mixed chromatograms resulting from 
mixed infections: this is possible considering the non-specific nature of the 
BTHL1/BTHL2 primer pair (Tabar et al., 2008) and the observation of a piroplasm and 
a Hepatozoon-like body in blood smear T-213B from Takone.  
 
 The one Freycinet sample (a clean chromatogram) that did return an NCBI BLAST 
result found that the sequence amplified matched with Babesia sp. isolate BP1 
(MG593272), on a high identity (99%) and query cover (98%). Given the observation of 
a piroplasm in blood smears from Takone, this appears to be the first characterisation of 
Babesia spp. in blood of Tasmanian devils. The following caveats do however, apply in 
this circumstance (1) this sample only amplified on the ~300bp assay, so longer 
amplification products will be needed for more informed analysis, (2) blood smear data 
was not available from this individual for morphological confirmation and (3) only one 
sample has displayed this match in the present study.  
 
Sanger sequencing analysis of the ~1500bp PCR positives revealed three of the samples 
had clean chromatograms and five were mixed (Table 3.3). All mixed chromatograms 
either failed to form a consensus sequence, or produced non-specific results when 
analysed with NCBI BLAST, so were all deemed non-specific amplification. The three 
remaining sequences returned NCBI BLAST matches to apicomplexan sequences, but 
the query cover and/or identity match was too low to deem these sequences to be from 
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the identified match. Thus, phylogenetic analysis was required to attempt to determine 
the relationship of these samples to other sequences from the apicomplexan group.   
 
4.2.1.3. Phylogenetics 
Phylogenetic analysis from sequencing assays at the 18S rRNA gene revealed one devil 
(FNP168B) from Freycinet positive for a Babesia species, closest to B. lohae (252bp) 
and four devils from Black River (BRI5B, BRI110B, BRI114B and BRI115B) were 
positive for novel apicomplexan sequences (1224bp) (Figure 3.4 and Table 3.11). 
Calculation of genetic similarities (252bp) for the sequence derived from devil 
FNP168B, revealed it to be 98.8% similar to B. lohae (MG593272). The genetic 
similarity of the devil FNP168B sequence to B. lohae indicates the possibility of this 
sequence being an isolate of this species. Due to the short sequence length used in this 
analysis however, such a finding would need to be validated on a longer sequence 
before definitive confirmation can be made. Two previous documentations of B. lohae 
were from tick specimens documented on mainland Australia (Greay et al., 2018b; Loh 
et al., 2018). The first from Queensland was an I. holocyclus tick collected off a cat 
(Felis catus) (Greay et al., 2018b) and the second was in I. tasmani, I. holocyclus and I. 
trichosuri  ticks all collected in QLD from brushtail possums (T. vulpecula) (Loh et al., 
2018). 
 
However, devil sequence FNP168B, was 100% similar to an unnamed Babesia spp. 
isolate, Babesia sp. BP1(MG251435), collected from an I. tasmani tick from a brushtail 
possum (Trichosurus vulpecula) in New South Wales (Loh et al., 2018). While 
documentation of a piroplasm within a tick is not definitive proof of a transmission 
pathway, as positivity of tick extracts could be due to infection of the tick or infection 
within the blood from its meal (Uilenberg et al., 2018), it does suggest a potential vector 
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of transmission.  This appears to be the first documentation of a Babesia spp. within a 
Tasmanian devil and the first mammalian host record for B. lohae.  
 
The results of phylogenetic analysis of the four blood sequences (1224bp), revealed 
novel findings. Three sequences clustering strongly, but exhibited only 85.7% to 85.9% 
similarity with the gregarine parasite Stylocephalus giganteus (FJ459761). The low 
genetic similarity between these samples and S. giganteus indicate the discovery of a 
new species, if not a novel genus. However, before such claims can be confirmed 
sequences from multiple genes need to be analysed and morphological characterisation 
of the specimens in question is essential. The fourth sequence BRI115B clustering with 
uncultured apicomplexans and had a genetic similarity of only 89.2% to Theileria 
ornithorhynchidae (KT937391). This too could potentially be a novel species, however, 
due to the fact that only one sequence was produced, further characterisation is required. 
 
NCBI BLAST results and phylogenetic analysis for the blood samples, did not reveal 
Hepatozoon spp. infection. While it is possible that this is in fact the case, analysis with 
a Hepatozoon spp. specific primer set would be recommended. Particularly in 
considering the observation of a Hepatozoon-like body in the blood smear results and 
the discovery of Hepatozoon sequences in I. tasmani ticks, in the present study and in 
previous studies (Vilcins et al., 2009). Observations such as this are prime examples of 
the need to incorporate morphological and molecular diagnostics in novel findings of 
pathogens.  
 
4.2.2. Tick extracts 
4.2.2.1. PCR assays 
PCR screening of tick extracts showed positivity at four out of five sites (Black River, 
Freycinet, West Pencil Pine and Wilmot) on the ~300bp assay and two out of five sites 
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(Black River and Wilmot) on the ~1500bp assay (Table 3.8). All PCR positive 
specimens originated from I. tasmani or I. cf. tasmani specimens, however, due to the 
low prevalence of I. fecialis (8/122 samples in Pool A), lack of PCR positive results 
could be due to stochastic population dynamics. PCR positive results were found in 
both adult and nymph ticks  
 
4.2.2.2. Sanger sequencing, NCBI BLAST analysis and phylogenetics 
Sequencing results of positives on the ~300bp PCR, revealed 8/19 (42.1%: 20.3%-
66.5% CI) samples corresponding to Hepatozoon banethi ITF7 (MG758115). This 
finding re-enforces the previous finding of this sequence in I. tasmani ticks from devils 
(Vilcins et al., 2009). The prevalence of H. banethi in the present study is reflective of 
that found in 2009, with Vilcins and colleagues finding a prevalence of 34.1% (15/44).  
 
Sequencing analysis of the one ~1500bp positive sample from Black River (BRI112T) 
revealed a chromatogram with no specific NCBI BLAST matches (Table 3.10). 
However, phylogenetic analysis of this sample revealed it to be a match to the three 
blood sequences (BRI5B, BRI110B and BRI114B), that were most closely related to the 
gregarine Stylocephalus giganteus (FJ459761). The I. tasmani specimen that this 
sequence was extracted from, was actively feeding at time of sample collection, thus it 
is not possible to determine whether the original sequence originated from the devil 
host, or the tick (Uilenberg et al., 2018). 
 
Sequencing analysis of the four ~1500bp PCR positives from Wilmot (Table 3.8), 
revealed two clean chromatograms suitable for NCBI BLAST analysis (Table 3.10) and 
phylogenetics (Figure 3.4 and Table 3.11). Both sequences were consistent with 
Theileria spp. The first, B3IT, was 100% similar to T. paparinii on the 1224bp and the 
545bp sequences and grouped with T.paparinii in Maximum-Likelihood trees. 
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However, B3IT also matched T. penicillata was 100% similarity on the 545bp 
sequence. The second sequence, H3IT, clustered with T. paparinii with a genetic 
similarity of 97.6% over 1224bp, however, in the tree based on shorted sequences 
(Figure 3.4: inset B) H3IT grouped with T. gilberti and T. brachyuri (longer sequences 
were not available for these species) (Table 3.10). Future studies should generate longer 
18S rRNA sequences for T.gilberti and T. brachyury to better understand the 
phylogenetic relationship of H3IT.  
 
All the ticks collected in the present study were directly taken off Tasmanian devils, 
thus it is not possible to confirm whether sequences that amplified during PCR 
originated from devils or the ticks themselves (Uilenberg et al., 2018). Due to the 
diverse host range of I. tasmani ticks (Barker and Walker, 2014; Roberts, 1970), and the 
ability of piroplasm parasites to transstadially transmit through tick moults 
(O'Donoghue, 2017; Schnittger et al., 2012) it cannot be determined whether the 
Theileria spp. sequences discovered in this study originated from the current devil host, 
or from previous hosts. If transmission occurred from previous hosts, it would be 
difficult to determine the original species, given the low-host specificity of I. tasmani 
(Barker and Walker, 2014; Roberts, 1970). Detection of Theileria spp. in Tasmanian 
devils, and transmission studies are required to determine any relationships between 
Theileria spp. and Tasmanian devils and their ticks. Thus, more work is needed on this 
topic before objective two of the present study can be completed.  
 
4.3 Future directions  
The observation of mixed chromatograms, in large numbers of samples, was a major 
restriction in the molecular component of this study. Employment of next generation 
sequencing techniques (NGS) would be a recommended technique for attempting to 
combat this. Paparini et al. (2015a) used amplicon NGS on an Ion Torrent to distinguish 
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between mixed infections of Cryptosporidium at the 18S rRNA and actin loci. Another 
method for consideration is cell culturing. Galuppi et al. (2012) found this method 
effective for revealing mixed infections of Babesia major and Theileria spp. In this 
study, the culture inhibited the growth of Theileria spp. thus allowing detection of B. 
major (Galuppi et al., 2012).  
 
Due to time constraints the two ~300bp PCR positive amplification products from 
devils with blood smear’s containing Hepatozoon-like bodies and a piroplasm body, 
were not sequenced. An early priority of future work will be to sequence these samples 
to see if the molecular identity of these bodies can be deduced. In addition to this 
samples with high total DNA concentrations (Appendix 2) should be re-amplified to 
rule out high concentrations of DNA inhibiting the PCR. Upon optimisation of this 
protocol and completion of screening of the samples collected for the present study, 
longitudinal analysis will provide a more in-depth epidemiological analysis of 
haemoprotozoan parasite infections in Tasmanian devils, and any interplay between 
infection incidence and DFTD.  
 
With regard to the novel blood sample discoveries of unknown apicomplexans at Black 
River and a Babesia sp. specimen at Freycinet, future work should attempt to gain 
corresponding morphological confirmation for these pathogens before definitive 
diagnosis of their presence is made. Molecular work with these samples would also 
attempt to gain longer sequencing reads for the Babesia sp. sample, as 252bp does not 
provide adequate length for accurate phylogenetic analysis. With regard to the novel 
sequences from Black River, as well as morphological identification, sequencing at 
other loci would be necessary, however the limitation of adequate sequences for 
apicomplexans at other loci, would make this strategy difficult. Allsopp and Allsopp 
(2006), document the 18S rRNA loci as the most widespread gene used in phylogenetic 
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analysis of Theileria spp. and Babesia spp., and as seen in the present study, longer 
sequences for known species are not always available. Sequencing data for Hepatozoon 
spp. isolated from carnivorous hosts, is restricted to the 18S rRNA loci (Modry et al., 
2017), thus further restricting the practicality of gaining viable phylogenetic 
relationships from other loci.  
 
Due to time constraints, only tick samples from Pool A (Table 3.7) were screened in the 
present study. The next stage in this project would look to extract and screen Pool B 
samples with the newly optimised protocols. Findings can then be combined with Pool 
A to give a greater picture of what is present within devils from these sites.  
 
4.4 Conclusions and One Health implications 
The findings of the present study give an indication into the haemoprotozoan parasites 
present within Tasmanian devils, and their associated ticks, however further study is 
necessary to characterise and document the prevalence of these apicomplexa. The devils 
in this study were found to be host to two species of low host specific ticks: I. tasmani 
and I. fecialis. Low host specific ticks can be of One Health significance, due to their 
ability to parasitise different species of vertebrate hosts as they progress through their 
various life stages, thus potentially transmitting tick borne pathogens to other 
susceptible hosts of different species (Estrada-Peña et al., 2017). Thus, it is important to 
ascertain what pathogens I .tasmani and I. fecialis can be capable of carrying, and what 
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Appendix 1 - Ticks removed from Tasmanian devils between 2015-2018 (characterised 
by sex, instar and species) 
Site Year 
Sample 
name Season Genus Species Sex 
Black River 2018 BRI115T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI110T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI110T2 Autumn Ixodes fecialis Nymph 
Black River 2018 BRI2T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI111T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI58T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI7T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI13T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI112T2 Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI112T2 Autumn Ixodes cf. fecialis 
Adult 
Female 
Black River 2018 BRI113T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI5T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI114T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI103T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI104T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI106T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI130T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI107T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI1007T2 Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI50T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI108T Autumn Ixodes tasmani 
Adult 
Female 




Black River 2018 BRI108T3 Autumn Ixodes cf. fecialis 
Adult 
Female 
Black River 2018 BRI39T Autumn Ixodes cf. fecialis 
Adult 
Female 
Black River 2018 BRI39T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI92T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI109T Autumn Ixodes cf. fecialis 
Adult 
Female 
Black River 2018 BRI29T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI60T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI36T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI105T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI101T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI101T2 Autumn Ixodes tasmani Nymph 
Black River 2018 BRI100T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI57T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI90T Autumn Ixodes tasmani 
Adult 
Female 
Black River 2018 BRI88T Autumn Ixodes fecialis 
Adult 
Female 
Black River 2018 BRI102T Autumn Ixodes fecialis 
Adult 
Female 
Freycinet 2018 FNP141T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP141T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP141T3 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP141T4 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP141T5 Autumn Ixodes 
cf. 
tasmani Nymph 
Freycinet 2018 FNP141T6 Autumn Ixodes  Larva 
Freycinet 2018 FNP127T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP024T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP165T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP165T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP107T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP107T2 Autumn Ixodes tasmani 
Adult 
Female 




Freycinet 2018 FNP179T2 Autumn Ixodes 
cf. 
tasmani Nymph 
Freycinet 2018 FNP176T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP176T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP148T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP148T2 Autumn Ixodes 
cf. 
tasmani Nymph 
Freycinet 2018 FNP182T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP121T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP178T Autumn Ixodes  Adult Male 
Freycinet 2018 FNP178T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP177T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP158T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP158T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP117T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP117T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP169T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP169T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP169T3 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP030T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP030T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 RNP030T3 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP168T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP168T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP174T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP174T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP175T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP175T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP185 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP185T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP184T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP184T2 Autumn Ixodes tasmani 
Adult 
Female 




Freycinet 2018 FNP173T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP173T3 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP149T Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP149T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP149T3 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP152T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP152T2 Autumn Ixodes tasmani Nymph 
Freycinet 2018 FNP172T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP137T Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP137T2 Autumn Ixodes tasmani 
Adult 
Female 
Freycinet 2018 FNP183T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-215T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-213T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-192T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-67T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-182T Autumn Ixodes fecialis 
Adult 
Female 
Takone 2018 T-214T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-205T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-178T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-218T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-183T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-210T Autumn Ixodes fecialis 
Adult 
Female 
Takone 2018 T-220T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-219T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-216T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-207T Autumn Ixodes fecialis 
Adult 
Female 
Takone 2018 T-206T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-211T Autumn Ixodes tasmani 
Adult 
Female 




Takone 2018 T-221T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2018 T-229T Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 A1IT Summer Ixodes tasmani Adult Male 
Takone 2015 A2IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A3IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A4IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A5IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A6IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A7IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A8IT Summer Ixodes tasmani Nymph 
Takone 2015 A9IT Summer Ixodes tasmani 
Adult 
Female 
Takone 2015 A10IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B1IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B2IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B3IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B4IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B5IT Autumn Ixodes cf.tasmani Nymph 
Takone 2015 B6IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B7IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B8IT Autumn Ixodes cf.tasmani Nymph 
Takone 2015 B9IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 B10IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 C1IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 C2IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 C3IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 C4IT Autumn Ixodes tasmani 
Adult 
Female 
Takone 2015 C5IT Autumn Ixodes tasmani 
Adult 
Female 




Takone 2015 C7IF Autumn Ixodes cf.faecalis 
Adult 
Female 
Takone 2015 C8IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 C9IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 C10IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D1IT Winter Ixodes cf.tasmani 
Adult 
Female 
Takone 2015 D2IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D3T Winter Ixodes cf.tasmani 
Adult 
Female 
Takone 2015 D4IT Winter Ixodes cf.tasmani Nymph 
Takone 2015 D5IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D6IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D7IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D8IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 D9IT Winter Ixodes cf.tasmani 
Adult 
Female 
Takone 2015 D10IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 E1IT Winter Ixodes tasmani Nymph 
Takone 2015 E2IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 E3IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 E4IT Winter Ixodes tasmani 
Adult 
Female 
Takone 2015 E5IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 E6IT Spring Ixodes tasmani Nymph 
Takone 2015 E7IT Spring Ixodes cf.faecalis 
Adult 
Female 
Takone 2015 E8IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 E9IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 E10IT Spring Ixodes  Adult Male 
Takone 2015 F1IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F2IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F3IT Spring Ixodes tasmani 
Adult 
Female 




Takone 2015 F5IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F6IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F7IT Spring Ixodes cf.tasmani Nymph 
Takone 2015 F8IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F9IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 F10IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 G1IT Spring Ixodes tasmani 
Adult 
Female 
Takone 2015 G2IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A1IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A2IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A3IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A4IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A5IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A6IT Winter Ixodes tasmani Nymph 
Wilmot 2015 A7IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A8IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A9IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 A10IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B1IT Winter Ixodes tasmani Nymph 
Wilmot 2015 B2IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B3IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B4IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B5IT Winter Ixodes tasmani Nymph 
Wilmot 2015 B6IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B7IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B8IT Winter Ixodes tasmani 
Adult 
Female 
Wilmot 2015 B9IT Winter Ixodes tasmani Nymph 
Wilmot 2015 B10IT Spring Ixodes tasmani Nymph 




Wilmot 2015 C2IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 C3IT Spring Ixodes tasmani Nymph 
Wilmot 2015 C4IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 C5IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 C6IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 C7IT Spring Ixodes tasmani Nymph 
Wilmot 2015 C8IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 C9IT Spring Ixodes tasmani Nymph 
Wilmot 2015 C10IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D1IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D2IT Spring Ixodes tasmani Nymph 
Wilmot 2015 D3T Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D4IT Spring Ixodes tasmani Nymph 
Wilmot 2015 D5IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D6IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D7IT Spring Ixodes tasmani Nymph 
Wilmot 2015 D8IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 D9IT Spring Ixodes tasmani Nymph 
Wilmot 2015 D10IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E1IT Spring Ixodes tasmani Nymph 
Wilmot 2015 E2IT Spring Ixodes tasmani Adult Male 
Wilmot 2015 E3IT Spring Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E4IT Spring Ixodes tasmani Nymph 
Wilmot 2015 E5IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E6IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E7IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E8IT Summer Ixodes cf.tasmani Adult Male 
Wilmot 2015 E9IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 E10IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 F1IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 F2IT Summer Ixodes tasmani Nymph 
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Wilmot 2015 F3IT Summer Ixodes tasmani Adult Male 
Wilmot 2015 F4IT Summer Ixodes tasmani Nymph 
Wilmot 2015 F5IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 F6IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 F7IT Summer Ixodes 
cf. 
tasmani Adult Male 
Wilmot 2015 F8IT Summer Ixodes cf.tasmani Adult Male 
Wilmot 2015 F9IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 F10IT Summer Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G1IT Summer Ixodes cf.tasmani Adult Male 
Wilmot 2015 G2IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G3IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G4IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G5IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G6IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G7IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G8IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 G9IT Autumn Ixodes tasmani Nymph 
Wilmot 2015 G10IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 H1IT Autumn Ixodes tasmani Nymph 
Wilmot 2015 H2IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 H3IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 H4IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 H5IT Autumn Ixodes tasmani Nymph 
Wilmot 2015 H6IT Autumn Ixodes tasmani 
Adult 
Female 
Wilmot 2015 H7IT Autumn Ixodes tasmani Nymph 


















































Appendix 2 - Spectrophotometry data for all gDNA (blood & ticks). 
Sample name Site DNA ng/μL 260/230 ratio 260/280 ratio 
BRI115B Black River 391.97 1.39 1.79 
BRI110B Black River 95.54 0.75 1.81 
BRI2B Black River 651.4 1.65 1.75 
BRI111B Black River 499.35 1.68 1.8 
BRI58B Black River 44.45 0.52 1.71 
BRI7B Black River 41.49 0.62 1.84 
BRI13B Black River 116.25 0.98 1.77 
BRI112B Black River 222.49 1.25 1.78 
BRI113B Black River 187.12 0.62 1.52 
BRI5B Black River 592.71 1.32 1.76 
BRI114B Black River 276.08 1.15 1.75 
BRI103B Black River 57.55 0.67 1.72 
BRI104B Black River 236.52 1.39 1.8 
BRI106B Black River 378.91 1.11 1.7 
BRI130B Black River 288.28 1.25 1.75 
BRI107B Black River 124.69 0.99 1.8 
BRI50B Black River 167.15 1.22 1.8 
BRI108B Black River 476.22 1.61 1.79 
BRI39B Black River 29.93 0.51 1.89 
BRI92B Black River 370.46 1.43 1.8 
BRI109B Black River 684.69 1.28 1.67 
BRI29B Black River -13.08 0.59 0.78 
BRI60B Black River 714.14 1.64 1.78 
BRI36B Black River 210.59 0.92 1.69 
BRI105B Black River 134.2 0.92 1.28 
BRI101B Black River 434.81 0.84 1.53 
BRI100B Black River 311.71 1.28 1.76 
BRI57B Black River 92.07 0.88 1.73 
BRI90B Black River -1.87 0.01 0.09 
BRI88B Black River 216.4 1.37 1.82 
BRI102B Black River 41.24 0.56 1.79 
FNP141B Freycinet 248.9 0.96 1.63 
FNP127B Freycinet 390.59 1.45 1.78 
FNP024B Freycinet 105.48 1.01 1.77 
FNP165B Freycinet 115.54 0.95 1.78 
FNP107B Freycinet 235.83 1.2 1.76 
FNP179B Freycinet 231.65 1.08 1.77 
FNP176B Freycinet 365.36 1.19 1.75 
FNP148B Freycinet 159.89 0.99 1.72 
FNP182B Freycinet 208.43 1.38 1.82 
FNP121B Freycinet 780.75 1.86 1.8 
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FNP178B Freycinet 535.17 1.48 1.75 
FNP177B Freycinet 312.77 1.2 1.79 
FNP158B Freycinet 254.48 1.33 1.77 
FNP117B Freycinet 368.17 1.31 1.75 
FNP169B Freycinet 199.08 1.38 1.8 
FNP030B Freycinet 376.41 1.57 1.79 
FNP168 Freycinet 323.88 1.16 1.75 
FNP174B Freycinet 71.33 0.79 1.79 
FNP175B Freycinet 29.05 0.56 1.66 
FNP185B Freycinet 519.68 1.44 1.74 
FNP184B Freycinet 64.68 0.83 1.76 
FNP173B Freycinet 204.54 1.32 1.81 
FNP149B Freycinet 276.26 1.32 1.78 
FNP152B Freycinet 211.42 1.41 1.82 
FNP172B Freycinet 113.58 1.12 1.83 
FNP137B Freycinet 66.96 0.67 1.67 
FNP183B Freycinet 51.2 0.69 1.71 
T-215B Takone 86.93 1.01 1.75 
T-213B Takone 175 1.04 1.7 
T-192B Takone 330.42 1.3 1.74 
T-67B Takone 129.43 0.97 1.65 
T-182B Takone 70.02 0.89 1.81 
T-214B Takone 90.4 1 1.82 
T-187B Takone 35.77 0.62 1.77 
T-205B Takone 322.18 1.65 1.81 
T-178B Takone 70.76 0.85 1.74 
T-218B Takone 12.28 0.28 1.67 
T-183B Takone 98.65 1.22 1.77 
T-224B Takone 163.1 1.22 1.79 
T-210B Takone 17.69 0.41 1.51 
T-220B Takone 151.36 1.06 1.78 
T-219B Takone 490.7 1.39 1.69 
T-216B Takone 1.2 0.01 -3.09 
T-217B Takone 1635.33 1.07 1.59 
T-207B Takone 42.84 0.29 1.54 
T-206B Takone 126.51 0.85 1.62 
T-211B Takone 94.11 0.95 1.31 
T-223B Takone 161.09 0.81 1.57 
T-221B Takone 101.86 0.96 1.83 
WPP593B 
West Pencil 
Pine 65.11 0.37 1.57 
WPP709B 
West Pencil 
Pine 48.5 0.57 1.61 
WPP598B 
West Pencil 




Pine 130.56 0.75 1.69 
WPP585B 
West Pencil 
Pine 269.44 0.93 1.77 
WPP605B 
West Pencil 
Pine 696.34 1.49 1.79 
WPP569B 
West Pencil 
Pine 189.92 0.95 1.69 
WPP549B 
West Pencil 
Pine 179.89 0.79 1.67 
WPP602B 
West Pencil 
Pine 200.28 1.07 1.73 
WPP604B 
West Pencil 
Pine 303 1.1 1.72 
WPP601B 
West Pencil 
Pine 401.62 1.72 1.8 
WPP592B 
West Pencil 
Pine 228.42 1.55 1.84 
WPP603B 
West Pencil 
Pine 164.91 0.82 1.64 
WPP565B 
West Pencil 
Pine 227.42 1.08 1.72 
BRI36T Black River 1551.76 2.13 2.37 
BRI105T Black River 412.82 2.07 1.78 
BRI101T Black River 893.02 2.14 2.4 
BRI100T Black River 813.85 2.13 2.35 
BRI88T Black River 412.03 2.06 2.31 
BRI111T Black River 49.59 1.94 2.16 
BRI112T2 Black River 2396.44 2.07 2.34 
BRI112T2 Black River 935.53 2.11 2.38 
BRI113T Black River 727.82 1.99 2.26 
BRI104T Black River 436.19 2.09 2.4 
BRI106T Black River 160.36 2.1 1.65 
BRI107T Black River 1006.2 2.16 2.41 
BRI1007T2 Black River 712.58 2.02 2.26 
BRI50T Black River 988.78 2.13 2.38 
BRI108T Black River 436.48 2.09 2.21 
BRI108T3 Black River 1584.5 2.13 2.4 
BRI92T Black River 891.82 2.11 2.37 
BRI109T Black River 721.64 2.03 2.25 
BRI60T Black River 195.09 2.09 2.36 
BRI101T2 Black River 220.71 2.05 2.3 
BRI57T Black River 648.64 2.06 2.3 
FNP127T Freycinet 117.38 1.91 2.3 
FNP024T Freycinet 653.66 2.03 2.31 
FNP177T Freycinet 486.54 2.06 2.36 
FNP168T Freycinet 57 2.1 2.53 
FNP176T Freycinet 1421.6 2.13 2.4 
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FNP176T2 Freycinet 924.16 2.12 2.36 
FNP148T Freycinet 49.97 1.98 2.08 
FNP148T2 Freycinet 123.86 1.99 2.3 
FNP158T Freycinet 132.39 2.09 2.24 
FNP158T2 Freycinet 59 2.06 2.12 
FNP168T Freycinet 36.89 1.73 2.17 
T-215T Takone 505.9 2.05 2.31 
T-213T Takone 471.14 2.03 2.24 
T-220T Takone 131.73 1.98 2.33 
T-219T Takone 1205.41 2.08 2.41 
T-206T Takone 226.59 2.06 2.32 
WPP565T 
West Pencil 
Pine 117.61 2.02 2.43 
 
